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Abstract 

Root exudates comprise a diverse array of chemical compounds that play critical roles in shaping the 

rhizosphere's chemical landscape and microbial communities. Mediated by the microbial community, 

root exudates impact nutrient availability, soil organic matter decomposition, and soil structural 

integrity by altering biochemical processes within the soil. Despite the recognized importance of root 

exudates in ecological interactions within the rhizosphere, the detailed mechanisms through which 

microbes metabolize these exudates and subsequently affect soil organic matter dynamics remain 

poorly understood. This thesis addresses this gap by exploring the intricate dynamics of microbial 

activity and nutrient cycling in response to simulated root exudation and assessing how variation in 

root exudate composition influence microbial processes across different soil types. It employs 

advanced isotopic and microscale analytical techniques cross three comprehensive studies to 

investigate these fine-scale spatiotemporal dynamics.  

The first paper investigates the immediate effects of a pulse of 13C-labelled low-molecular-weight 

organic carbon compounds on soil microbial metabolism. The simulation of root exudation through 

reverse microdialysis in undisturbed soil caused significant changes in microbial respiration and soil 

metabolite dynamics. The concentration of short-chain fatty acids increased, indicative of anaerobic 

metabolism, likely occurring at anoxic microsites that had formed due to oxygen depletion by 

increased microbial respiration at the exudation site. Concurrently, a threefold increase in ammonium 

and elevated nitrate levels were observed, indicating enhanced mineralization of organic nitrogen near 

plant roots.  

The second paper challenges traditional views by demonstrating the preferential microbial uptake and 

respiration of organic acids over sugars in both meadow and forest soils. This study elucidates the 

nuanced impacts of exudate composition on microbial processes and nutrient mobilization, suggesting 

a complex interplay between substrate availability and microbial metabolic pathways.  

The third manuscript skilfully combined isotope imaging using nanoscale secondary ion mass 

spectrometry with fluorescence microscopy and scanning electron microscopy to visualize the 

microscale spatial distribution of microbial communities and their assimilation of the added 13C-

labelled substrates. Results indicate that microbial access to substrates was significantly influenced by 

soil microarchitecture and microbial traits, providing a spatial complement to previous temporal 

analyses.  

Collectively, these studies provide profound insights into the spatial and temporal dynamics of 

microbial activity triggered by root exudates, highlighting the role of microscale interactions in shaping 

rhizosphere processes and their implications for plant nutrient availability. This thesis underscores the 
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importance of considering both the microbial community and physicochemical soil properties to fully 

understand the ecological functions of the rhizosphere. 
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Zusammenfassung 

Wurzelexsudate bestehen aus einer Vielfalt chemischer Verbindungen, die eine entscheidende Rolle 

bei der Gestaltung der chemischen Landschaft der Rhizosphäre und der mikrobiellen Gemeinschaften 

spielen. Dabei ist mikrobielle Gemeinschaft Vermittler durch den die Wurzelexsudate die Verfügbarkeit 

von Nährstoffen, den Abbau organischer Bodensubstanz und die Bodenstruktur beeinflussen, indem 

sie biochemische Prozesse verändern. Trotz der Bedeutung von Wurzelexsudaten in ökologischen 

Interaktionen in der Rhizosphäre sind die Mechanismen, durch die Mikroben diese Exsudate 

metabolisieren und dadurch die Dynamik der organischen Bodensubstanz beeinflussen, noch nicht im 

Detail erforscht. Diese Dissertation untersucht die komplexen Dynamiken der mikrobiellen Aktivität 

und der Nährstoffkreisläufe in der Rhizosphäre als Reaktion auf künstliche Wurzelexsudation, und 

erforscht, wie Variationen in der Zusammensetzung der Wurzelexsudate mikrobielle Prozesse in 

verschiedenen Bodenarten beeinflussen. Unter Einsatz fortschrittlicher Isotopenanalyse und 

Analysetechniken im Mikroskalabereich werden die feinskaligen räumlichen und zeitlichen Dynamiken 

in drei umfassenden Studien untersucht.  

Die erste Publikation untersucht die unmittelbaren Auswirkungen eines Pulses von 13C-markierten 

organischen Kohlenstoffverbindungen auf den mikrobiellen Stoffwechsel im Boden. Die Simulation der 

Wurzelexsudation durch ‚reverse‘ Mikrodialyse in ungestörtem Boden führte zu signifikanten 

Veränderungen in der mikrobiellen Atmung und der Dynamik der Bodenmetaboliten. Die 

Konzentration an kurzkettigen Fettsäuren stieg an, was auf einen anaeroben Stoffwechsel hindeutet, 

der wahrscheinlich an anoxischen mikroskopischen Stellen im Boden stattfand, die sich aufgrund des 

Sauerstoffmangels durch die gesteigerte mikrobielle Atmung am Exsudationsort gebildet hatten. 

Gleichzeitig wurde ein dreifacher Anstieg des Ammoniumgehalts sowie erhöhte Nitratwerte 

beobachtet, was auf eine stärkere Mineralisierung von organischem Stickstoff in der Nähe der 

Pflanzenwurzeln hindeutet. 

Das zweite Manuskript demonstriert die bevorzugte mikrobielle Aufnahme und Veratmung von 

organischen Säuren gegenüber Zuckern in Wiesen- und Waldböden und stellt damit konventionelle 

Fachmeinungen in Frage. Diese Studie verdeutlicht die nuancierten Auswirkungen der 

Exsudatzusammensetzung auf mikrobielle Prozesse und die Mobilisierung von Nährstoffen, was auf 

ein komplexes Zusammenspiel zwischen Substratverfügbarkeit und mikrobiellen Stoffwechselwegen 

hinweist.  

Das dritte Manuskript kombinierte geschickt Isotopenbildgebung mit der nanoskaligen Sekundärionen-

Massenspektrometrie mit Fluoreszenzmikroskopie und Rasterelektronenmikroskopie, um die 

räumliche Verteilung der mikrobiellen Gemeinschaften und ihre Assimilation der zugesetzten 13C-
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markierten Substrate im mikroskaligen Bereich zu visualisieren. Die Ergebnisse zeigen, dass der 

mikrobielle Zugang zu Substraten signifikant durch die Mikroarchitektur des Bodens und mikrobielle 

Merkmale beeinflusst wurde und liefern eine räumliche Ergänzung zu vorherigen zeitlichen Analysen.  

Zusammenfassend bieten diese Studien tiefgreifende Einblicke in die räumlichen und zeitlichen 

Dynamiken der durch Wurzelexsudate ausgelösten mikrobiellen Aktivität, unterstreichen die Rolle von 

mikroskaligen Interaktionen bei der Gestaltung der Rhizosphärenprozesse und deren Implikationen für 

die Nährstoffverfügbarkeit der Pflanzen. Diese Arbeit betont die Wichtigkeit der Berücksichtigung 

sowohl der mikrobiellen Gemeinschaft als auch der physikochemischen Bodeneigenschaften, um die 

ökologischen Funktionen der Rhizosphäre vollständig zu verstehen. 
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INTRODUCTION 

1. The rhizosphere: A crucial interface for root-microbe 

interactions 

Soils store twice as much carbon (C) than the atmosphere or atmosphere and vegetation combined 

(Stockmann et al., 2013). Therefore, even small changes to organic C fluxes can have significant impacts 

on the atmospheric C concentrations and Earth’s climate. The balance between C storage and C release 

from soil is determined by primary production (e.g., CO2 fixed as plant biomass) and microbial 

decomposition of soil organic matter (SOM). Plant above- and belowground inputs contribute to long-

term C storage as plant biomass is converted to SOM by microbial metabolic activity (Schimel and 

Schaeffer, 2012; Liang et al., 2017). Primarily microbial-derived C like necromass constitutes the SOM 

formed/ stabilized by ‘entombing effects’, resulting from a combination of physical and chemical 

protection of microbial C (Schmidt et al., 2011; Liang et al., 2017). In addition to their role in C 

sequestration, microorganisms promote the release of C by SOM decomposition. Accordingly, 

microorganisms are a key agent in soil C cycling. Therefore, it is important to better understand the 

(microbial) processes that control soil organic carbon (SOC) dynamics and their potential contribution 

to atmospheric CO2 levels. 

The rhizosphere, defined as the interface between plant roots and the surrounding soil (influenced 

by root activity), is of particular interest for advancing our understanding of the microbial processes. 

Rhizosphere processes are increasingly recognized to play a crucial role in soil organic matter (SOM) 

decomposition, nutrient release, and subsequent effects on terrestrial elemental cycles and global 

carbon (C) stocks (Finzi et al., 2015). Through rhizodeposition, roots provide soil microorganisms with 

compounds that serve as energy and nutrients, which drive high levels of high microbial activity 

(Marschner et al., 2012; Spohn and Kuzyakov, 2013; Blagodatskaya et al., 2014). The intricate 

interactions between roots and soil microbes, particularly through the microbial uptake and 

metabolism of C compounds, are pivotal in the SOC cycling. 

The catalyst for these rhizosphere processes is the wide variety of C-rich compounds released by 

the roots into their immediate environment (Jones et al., 2009; Canarini et al., 2019). Broadly speaking, 

rhizodeposition encompasses all forms of organic C released by roots (Jones et al., 2004). This includes 

the shed off root cap and boarder cell, the death and lysis of cells, C transfer to root-associated 

symbionts such as mycorrhiza, gaseous losses, and active secretion of polymers like mucilage as well 

as passive root exudation (Jones et al., 2009). The exudates consist of low-molecular-weight 
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compounds such as amino acids, organic acids, and sugars (Badri and Vivanco, 2009; Vives-Peris et al., 

2020). They are predominantly released at the root tips, either through passive diffusion or active 

exudation (Badri and Vivanco, 2009; Jones et al., 2009; Canarini et al., 2019). Fine roots and mycorrhizal 

hyphae move through the soil and release labile C compounds within a spatially and temporally 

constrained volume of soil ('hotspot')(Vogel et al., 2014; Kuzyakov and Blagodatskaya, 2015). This is 

attributed to, firstly, the root exudation being characterized by diurnal carbon release dynamics, with 

heightened exudation during daylight hours (Murray et al., 2004; Cardon and Gage, 2006; Garcia 

Arredondo et al., 2023), and secondly, the constant movement of growing roots through the soil. 

Consequently, root tips create distinct exudation hotspots of transiently high concentration of low-

molecular-weight C compounds (Vogel et al., 2014). This results in a heterogeneous distribution of 

spots with dramatically increased C concentrations in soil (Vogel et al., 2014). 

These root exudation ‘hotspots’ are characterised by high local C concentrations and strong 

concentration gradients (Kuzyakov and Razavi, 2019; Vetterlein et al., 2020), as opposed to the 

homogeneously distributed, moderately enhanced C availability throughout the soil that characterises 

the majority of substrate amendment experiments (e.g.: (Basiliko et al., 2012; Nottingham et al., 2012; 

Koranda et al., 2013; Girkin et al., 2018a; Jilling et al., 2021). The distribution of carbon (C) within the 

soil, whether as hotspots or homogeneously dispersed, significantly influences microbial activity. For 

instance, a recent mathematical analysis has shown that small-scale spatial heterogeneity of substrate 

distribution affects soil respiration in a way that cannot be subsumed by applying averaged 

homogenous conditions (Chakrawal et al., 2020). As the substrate diffuses away from the initial entry 

point, such as the root tip, the microbial density decreases, reducing the probability of substrate-

decomposer encounters. In contrast, root exudation hotspots experience an increase in microbial 

activity driven by the concentrated substrate availability. However, this activity is time-limited because 

of the transient nature of exudation, giving rise to ‘hot moments’ (Kuzyakov and Blagodatskaya, 2015). 

These ‘hot moments’ are marked by rapid microbial responses to transient spikes in substrate 

availability  (Kuzyakov and Blagodatskaya, 2015). This highlights how rhizosphere processes are 

critically dependent on the physicochemical and biotic micro-environment of the root exudation 

hotspot. Consequently, it is imperative to acknowledge the spatial scale and temporal framework 

within which rhizosphere processes unfold (Vetterlein et al., 2020).  

1.1 Root exudates shape the environmental conditions 

Root influence the chemical and physical properties of soil through the release of root exudates. 

For instance, certain plants have been observed to modify the pH of their rhizosphere to mobilize 

nutrients like phosphorus  (Hinsinger et al., 2003; Khorassani et al., 2011; McKay Fletcher et al., 2021). 
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Additionally, as reported by Keiluweit et al. (2015), organic acid exudation can counteract the mineral 

protection of SOM, making it available to microbial decomposition. Moreover, roots and bacteria 

release mucilage and extracellular polymeric substances (EPS), respectively, which affect soil hydrology 

(Benard et al., 2019), and contribute to aggregate formation (Costa et al., 2018). Carbon inputs might 

also alter oxygen availability as a consequence of microbial O2 consumption (Borer et al., 2018; Garcia 

Arredondo et al., 2023). Consequently,  the microbial community in the rhizosphere experiences a 

rapidly changing microenvironment (Philippot et al., 2023). Hence, the ability to swiftly modulate 

metabolic pathways can mean the difference between surviving and thriving under dynamically 

changing conditions (Lecomte et al., 2018).  

2. Dynamic response of microbial activity to root exudation 

The dynamic interplay between root exudation and microbial activity in the rhizosphere is a critical 

driver of soil carbon (C) cycling, with profound implications for soil health, plant growth, and climate 

change dynamics (Finzi et al., 2015). Root exudates serve as central substrates for the rhizosphere 

microbial community and spark an array of metabolic pathways essential for SOM dynamics. 

Therefore, it is crucial to study the dynamics of microbial activity in response to root exudation. 

2.1 Microbial uptake and metabolism of root exudates 

Soil microbes are oftentimes carbon and energy limited, relying on root exudates as a prime carbon 

and energy source (Joergensen et al., 1990; Schmidt et al., 2011). Following the exudation, microbes 

rapidly take up and metabolize the exudates through different metabolic pathways. Small molecules 

can be directly taken up, while complex organic matter requires breakdown into smaller molecules by 

extracellular enzymes before uptake (Kirchman, 2018). Once inside the microbial cell, these 

compounds are typically funnelled into central metabolic pathways such as glycolysis, tricarboxylic acid 

cycle (TCA), the electron transport chain (ETC) and oxidative phosphorylation (Fuhrmann, 2021). These 

pathways break down compounds to produce energy carriers (e.g.: ATP, NADH) that fuel cellular 

processes. Apart from energy generation, these metabolic pathways also provide precursors for the 

synthesis of cellular components, including nucleic acids, proteins, lipids, contributing to the growth of 

microbial biomass (Fuhrmann, 2021). Additionally, enzymes may be produced that catalyse various 

metabolic pathways inside and outside the cell. In summary, root exudates are essential for the 

generation of energy, the synthesis of basic building blocks, and the overall maintenance of cellular 

functions. 
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Substrate preferences 

The microbial community in the rhizosphere is significantly influenced by the composition of root 

exudates. From a nutrient perspective, the stoichiometry of exudates, especially the C:N ratio, can 

significantly affect the microbial metabolism and enzyme production, depending on prevailing nutrient 

limitations (Drake et al., 2013). The microbial community can tackle stoichiometric imbalances caused 

by substrate C:N by adapting their elemental use efficiencies and through production of extracellular 

enzymes to obtain limited nutrients (Craine et al., 2007; Mooshammer et al., 2014). For instance, it 

was shown that exudation of C increased extracellular enzyme activity and thereby N availability 

(Brzostek et al., 2013).  

Moreover, from a purely carbon (centric) perspective, it has been shown that if the C input closely 

matches or falls below the microbial biomass, the microbial community is not efficiently activated, 

which inhibits biomass growth (Blagodatskaya et al., 2011). Moreover, microorganisms may exhibit 

preferences for different substrates based on the potential energy yield from metabolizing them, 

which depends on the oxidation status of the substance and the available electron acceptors (Bethke 

et al., 2011; Gunina et al., 2017). However, approaches that rank redox reactions according to their 

thermodynamic energy dissipation often fail to accurately predict microbial activities (Bethke et al., 

2011). They assume that microbial communities will naturally select energy-rich substrates due to 

competitive dynamics, yet empirical observations frequently deviate from these predictions, indicating 

that additional factors may play a role (Bethke et al., 2011; Amenabar et al., 2017; Marquart et al., 

2019).  

Further, the fate of the C-compounds does not only depend on the C amount provided, but also 

on the identity of the substrates beyond the characterization of labile or ‘recalcitrant’ C. The utilization 

of compounds depends on their substrate class (e.g. sugar, organic acid, etc.), which determines their 

role in different metabolic pathways (Dijkstra et al., 2011; Apostel et al., 2013, 2015; Dippold and 

Kuzyakov, 2013; Gunina et al., 2014) and, consequently, significantly dictates the interaction between 

the microbial community and their environment. Research has shown that the addition of sugars, 

organic acids, amino acids, or phenolics as exudates all increased microbial biomass C, enzyme activity 

and SOC decomposition (Yan et al., 2023). While some compounds can be directly incorporated into 

the cells central C-cycle, others need to undergo some form of transformation first. Sugars, like 

glucose, enter the cell’s central C-cycle through glycolysis (Stülke and Hillen, 2000), whereas organic 

acids, like acetate, must first be converted to intermediates of the TCA cycle, gluconeogenesis, and 

pentose phosphate pathway (Schilling et al., 2007). In terms of for N-containing compounds, glutamate   

serves as the central intermediate of N metabolism (Fisher, 1999). Sugars are utilized by soil 

microorganisms both as building blocks for various cellular components as well as an important energy 
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source (Gunina and Kuzyakov, 2015). Similarly, organic acids can be rapidly taken up by the soil 

microbial community, but they do also interact more readily with the soil solid phase through 

processes like sorption and desorption (Jones et al., 2003). Moreover, organic acids lower pH and 

contribute to the release of organic material previously bound by minerals (Keiluweit et al., 2015). 

Amino acids, serving as both C and N sources, are fundamental as building blocks for protein synthesis, 

promoting the production of N-containing molecules like enzymes, and thus play a role in the SOM 

cycling (Moe, 2013; Warren, 2014). That is why, due to their varied interactions with the soil 

environment and microbial community, root exudates of different compositions (e.g. substrate class, 

substrates physio-chemical properties) may translate to distinct patterns of microbial activity, SOM 

decomposition and soil chemistry.  

2.2 Aerobic and anaerobic respiration in the rhizosphere 

Following the root exudation, biotic and abiotic processes occur in the immediate vicinity of the 

exudation site. Among other things, an increased respiration attributed to increased microbial activity 

can often be observed. As part of their energy-producing metabolic processes, microbes convert 

substrate into carbon dioxide (CO2), which is subsequently released. This CO2 release is a critical 

component of the soil carbon cycle, contributing to the flux of C between the soil and the atmosphere 

(Bardgett et al., 2008; Singh et al., 2010; Finzi et al., 2015).  

In the presence of oxygen (O2), microbes perform aerobic respiration, efficiently breaking down 

organic substrates into CO2 and H2O, which releases significant amounts of energy. This energy is 

captured in energy carriers such as adenosine triphosphate (ATP), which microbes use to power the 

various cellular activities. 

However, in densely populated microbial environments like the rhizosphere, where C inputs are 

frequent, microbes may encounter anoxic conditions that prevent aerobic respiration (Lecomte et al., 

2018). These anoxic sites typically emerge due to high microbial activity in response to localized root 

exudation, where microbes use O2 to reduce the C substrates. Driven by this O2 consumption of 

microbes (and roots), anoxic hotpots arise, but only when the O2 consumption exceeds the diffusive 

influx of O2 (Uteau et al., 2015; Borer et al., 2018). Under such limited or no O2 conditions, microbes 

perform anaerobic respiration like fermentation, which yields less energy than aerobic respiration but 

allows for continued energy production. While most energy can be obtained with O2 as electron 

acceptor, in anaerobic respiration, the following alternative terminal electron acceptors (TEA) come 

into play, e.g., nitrate (NO3
-), sulfate (SO4

2-), sulfur (S), or metal ions (Fe3+, Mn4+) and inorganic electron 

acceptors (SeO4
2-, AsO4

3-, UO2
2+). Organic compounds like organic acids (e.g.: fumarate) or humic 

substances may also serve as electron acceptors (Lecomte et al., 2018).  
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The degradation of complex organic compounds often requires the cooperation of multiple 

microbial species, a process known as syntrophy (McInerney et al., 2009; Morris et al., 2013). 

Syntrophic growth is particularly significant under anoxic conditions, where substrates are only 

partially oxidized during anaerobic respiration, leading to a release of intermediates (e.g., propionate, 

acetate, formate) from partially degraded compounds (Glissmann and Conrad, 2000; Lueders et al., 

2004; Müller et al., 2010). These metabolic by-products can then be utilized by different members of 

the microbial community, fostering microbial synergy and syntrophic growth. Beyond syntrophic 

interactions, it has been observed that acetate, a byproduct of anaerobic respiration released during 

rapid microbial growth, is scavenged from the environment by the same microbial community, but 

only after the initial substrate has been depleted (Wolfe, 2005). 

2.3 Degradation of organic matter - The rhizosphere priming effect 

The presence of living roots can significantly influence SOM decomposition rates, potentially 

accelerating them by up to 380%, or, conversely, suppress them by half (Cheng et al., 2014). This 

stimulation of SOM decomposition by root activity (carbon input by rhizodeposition e.g. root exudates) 

is called ‘rhizosphere priming effect’ (RPE) (Kuzyakov, 2002, 2010; Dijkstra et al., 2013; Haichar et al., 

2014; Huo et al., 2017). The RPE refers to the phenomenon in which labile, low-molecular weight C 

(LMWC) compounds accelerate the microbial decomposition of SOM, which facilitates the releases of 

CO2 from SOM. The RPE thus links primary production and microbial decomposition. This rhizosphere 

priming effect has been reported across a variety of soil and vegetation types, and its intensity was 

found to differ depending on plant types and soil texture (Huo et al., 2017). Interestingly, the 

accelerated SOM decomposition can persist for days to weeks, extending well beyond the duration of 

the root exudation itself (Blagodatsky et al., 2010; Kuzyakov, 2010), even when the supply of exudate 

C is depleted.  

Experimentally, the priming effect (PE) is usually measured as the difference between the SOM-

derived CO2 released from substrate-amended soils and control soils over time, resulting in a ‘positive’ 

PE or, less frequently, a ‘negative’ PE (Kuzyakov et al., 2000). The PE typically unfolds through a 

sequence of events that influence the source and dynamics of CO2. Initially, the respiration is primarily 

attributed to the respiration of the supplied C-substrate (e.g. exudate-derived CO2), with increased 

turnover of microbial biomass also contribute to respiration, collectively referred to as ‘apparent’ 

priming (Kuzyakov, 2010). This is followed by accelerated mineralization of SOM, which characterizes 

‘real’ positive priming. Conversely, the ‘negative’ PE, characterized by reduced SOM decomposition 

rates, occurs through mechanisms such as ‘preferential substrate utilization’ by microbes (Kaiser et al., 

2014). Specifically, ‘apparent’ PE, in contrast to real positive priming, occurs when the measured CO2 
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is derived from a replacement of microbial cell C by added substrate C. Such apparent priming has 

been reported as a result of microbial activation or a ‘tiggering effect’ induced by labile substrate 

addition (De Nobili et al., 2001; Blagodatskaya and Kuzyakov, 2008). Finally, the real positive PE, i.e. 

the accelerated decomposition of SOM, has been attributed to several processes.  

Despite extensive research, uncertainties regarding the mechanisms and controls governing the 

RPE remain subject of ongoing investigation (Bernard et al., 2022). Several explanations have been 

proposed to explain the RPE and its ecological implications. 

Proposed mechanisms underlying the rhizosphere priming effect 

A common explanation for the occurrence of RPE suggests that an input of labile carbon 

compounds alleviates microbial carbon and energy constraints. These constraints arise from a 

physical disconnection of the microbes from their substrates due to low soil organic carbon (SOC) 

concentrations (Schmidt et al., 2011), particularly in mineral soil. While microbes are restricted to the 

pore network they inhabit, organic matter (OM) might be located in (physically) inaccessible microsites 

or be physically protected (Schimel and Schaeffer, 2012). Moreover, for microbes to take up the 

complex high-molecular weight SOM, they must first break it down into smaller molecules outside the 

cell, which requires the energy-costly production of enzymes (Schimel and Weintraub, 2003). Further, 

the ‘return on investment’ is not always positive for the microbes, as the release of extracellular 

enzymes brings with it the risk of breakdown products not diffusing back to the cell (Schimel and 

Weintraub, 2003). Consequently, the release of easily assimilable organic compounds by plant roots 

can strongly stimulate SOM decomposition by activating dormant microorganisms (‘triggering effect’) 

(De Nobili et al., 2001) and by providing them with the necessary energy and carbon to grow and 

synthesize extracellular enzymes for SOM decomposition (Fontaine et al., 2003; Blagodatskaya and 

Kuzyakov, 2008; Kuzyakov, 2010; Dijkstra et al., 2013). This can, however, not fully explain why an 

accelerated microbial decomposition of complex SOM persists long after the labile C is depleted 

(Blagodatsky et al., 2010; Kuzyakov, 2010).  

Alternatively, the RPE may arise due to a succession of functional microbial groups (Fontaine et al., 

2003; Kuzyakov, 2010). According to this mechanism, the plant-derived labile C inputs are first rapidly 

metabolized by fast-growing bacteria (‘r-strategists’). This initial stimulation of microbial activity leads 

to a release of CO2 from increased microbial biomass turnover (‘apparent’ PE) (Kuzyakov, 2010). 

Subsequently, as the soluble compounds are exhausted, slow-growing bacteria and fungi (‘K-

strategists’) that produce extracellular enzymes capitalize on the emerging bacterial necromass. 

Through co-metabolism they efficiently decompose more complex SOM, thereby contribution to the 

observed (real) PE (Fontaine et al., 2003; Blagodatskaya and Kuzyakov, 2008). The produced enzyme’s 

efficiency to co-metabolise native SOM depends on the biochemical similarities between SOM and 
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carbon input (the fresh OM or necromass) (Fontaine et al., 2003). This explains why the input of 

complex C inputs (e.g. cellulose, lignocellulose) may elicit more pronounced PE compared to the 

addition of simple sugars like glucose (Koranda et al., 2013). These mechanisms are taking place when 

N is not limiting, however, under nutrient-limited conditions, alternative mechanisms come into play. 

Thus, another possible explanation for the occurrence of RPE can be attributed to the microbial 

community mining for nitrogen (N), as suggested by the ‘N-mining hypothesis’ (Chen et al., 2014). The 

labile C input stimulates the microbial biomass growth and leads to an increased microbial nitrogen 

demand in the rhizosphere, which is met through increased decomposition of SOM (‘N-mining 

hypothesis’) (Craine et al., 2007; Fontaine et al., 2011; Dijkstra et al., 2013). Nevertheless, this 

hypothesis does not adequately explain how microbes use the added C for biomass growth (Elser et 

al., 2000) or how they produce N-rich extracellular enzymes under N limitation (Drake et al., 2013). 

However, studies have demonstrated that incorporating N into substrate additions can alter both the 

direction and magnitude of the PE (Craine et al., 2007; Drake et al., 2013; Koranda et al., 2014; Wild et 

al., 2014), suggesting a mechanistically relevant role for nitrogen availability. 

More recently, increased attention has been paid to abiotic mechanisms which could significantly 

contribute to priming effects (Keiluweit et al., 2015; Jilling et al., 2021). It has been shown that organic 

acids, commonly exuded by roots, liberate organic compounds from organo-mineral associations, 

thereby facilitating their degradation by microbes (Keiluweit et al., 2015; Jilling et al., 2021). 

Although these concepts contribute to the mechanistic understanding of the rhizosphere priming 

effect (RPE), many lack experimental evidence, and a comprehensive, unifying concept of priming 

remains elusive.  

Recently, a new possible explanation for the priming effect has been suggested that can only be 

understood in a microscale spatial context (Kaiser et al., 2017). It was proposed that an input of labile 

substrate, such as root exudates, cause an initial growth of microbial colonies. Since the extracellular 

enzyme production required to degrade SOM is too carbon and energy costly (Schimel and Weintraub, 

2003) the initially formed colonies often collapse after the labile substrate (root exudate) is depleted. 

In some cases, however, if a colony grows beyond a certain threshold size it continues to grow even 

after the labile substrate is exhausted. This is the case because with the size of a colony its enzyme 

production efficiency increases. The more microbes are in close proximity to each other, the less 

products of enzymatic activity are lost by diffusion. Therefore, colony growth becomes self-sustaining 

if it reaches a certain threshold sized at which the collective ‘return on investment’ of enzyme 

production is positive. As a consequence, also SOM decomposition rates are increased in the long-term 

(priming effect). So far, this new explanation has only been shown in an individual-based computer 
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model  (Kaiser et al., 2017). Nevertheless, it underlines the importance of considering the microscale 

spatial context when it comes to better understanding the priming effect. Hence, a highly concentrated 

hotspot of labile substrate, similar to a root exudation hotspot, may be required for a priming effect 

to occur. Subsequent microbial activities and priming processes would also take place in the vicinity of 

these hotspots and not throughout the bulk soil. So far, spatial dynamics of microbes at the µm-scale 

have not been investigated systematically as potential drivers of the priming effect. Considering both 

spatial and temporal dynamics could significantly enhance our understanding on the governing 

mechanisms involved. Studying the dynamics of soil metabolites that emerged in response to root 

exudation could provide valuable clues as to the nature of the metabolic processes and the timeframe 

and persistence of the rhizosphere priming effect. 

3. Exploring spatiotemporal dynamics of microbial and soil 

processes at the microscale 

Exploring the complex interactions within the rhizosphere soil environments requires innovative 

methods that can capture the dynamic nature of soil chemistry and microbial activity. Advances in soil 

technologies could provide deeper insights into these complex microbial processes. 

3.1 Recent advances in microdialysis technique 

The development and application of microdialysis in soil science represent a significant 

advancement in our ability to study the temporal dynamics and chemistry of soil solutions, which aids 

our exploration of rhizosphere processes. Originally developed for biomedical research, its potential 

for environmental research became soon apparent and microdialysis was established in soil (Miró and 

Frenzel, 2005; Sulyok et al., 2005; Inselsbacher et al., 2011; Inselsbacher and Näsholm, 2012; 

Inselsbacher, 2014; Oyewole et al., 2014).  

Microdialysis is a technique that collects solutes from the soil solution (‘dialysate’) via a diffusion 

gradient across a permeable membrane (fine polyarylethersulphone membrane, e.g.: 10 mm length, 

500 μm outer diameter, 20 kDa molecular weight cut-off) (Fig. 1). Using microdialysis aims to overcome 

several limitations linked to traditional sampling techniques, including destructive soil sampling and 

alteration of samples through handling (Miró and Frenzel, 2005; Rousk and Jones, 2010; Inselsbacher, 

2014). A major advantage of microdialysis is its low invasiveness, since apart from the initial 

introduction of the microdialysis probe into the soil, the soil structure remains undisturbed. 

Microdialysis prioritizes measuring bioavailability of solutes within small spatial scales relevant to plant 

and microbes in undisturbed soil and allows to calculate diffusive fluxes from dialysate concentrations 
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(Inselsbacher et al., 2011; Oyewole et al., 2014; Brackin et al., 2015; Demand et al., 2017). This makes 

microdialysis probes instrumental in investigating biotic and abiotic rhizosphere processes at the 

microscale, as it offers high temporal and spatial resolution while preserving the integrity of the soil’s 

physical structure. 

 

Figure 1. Classical and reverse microdialysis approach. Figure adapted from (König et al., 2022). The left panel 

depicts the microdialysis probe in the soil. The middle panel compares the classical microdialysis and reverse 

microdialysis approach. The classical microdialysis application is used to capture soil water solutes (orange 

particles), while reverse microdialysis introduces compounds (orange particles) into the surrounding soil. These 

processes are based on diffusion of compounds. The perfusate is pumped through the microdialysis probe (blue 

arrows), and diffusion of compounds occurs along the permeable membrane due to concentration gradients. 

After the perfusate has passed along the membrane, it is pumped out of the probe (dialysate, red) and collected 

for further analysis.  

In its classic application, the technique has been used to sample a wide array of soil constituents, 

including nitrogen, root nutrients, phosphate, amino acids, and soil enzymes (Brackin et al., 2017; 

Buckley et al., 2017, 2019; Demand et al., 2017; Hill et al., 2019; McKay Fletcher et al., 2021). The 

recent establishment of a ‘reverse’ microdialysis approach, also known as retrodialysis in biomedical 

research (Clément et al., 1998), further enhances its utility by allowing for the controlled release of 

low-molecular-weight (LMW) compounds into the soil, effectively mimicking root exudation patterns 

(Demand et al., 2017; König et al., 2022). This can be achieved by providing a higher concentration of 

compounds in the solution inside the microdialysis probes (‘perfusate’), which then leads to a passive 

diffusion of compounds out of the microdialysis probe (i.e. reversing the concentration gradient). This 

reversed gradient facilitates the creation of localized hotspots of carbon concentration, enabling 

detailed studies of microbial activity and soil chemistry in response to the addition of organic 

compounds. This approach is well suited to simulating root exudation, since labile substances are 

transported into soil by passive diffusion, similar to living roots. This dual capability to both release and 

collect compounds makes ‘reverse’ microdialysis exceptionally versatile, offering insights into soil 
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metabolic processes with minimal disturbance to the soil structure. So far, the ‘reverse’ microdialysis 

approach has been used to study e.g., the effect of citric acid exudation on phosphate concentrations 

(Demand et al., 2017; Schack-Kirchner et al., 2020; McKay Fletcher et al., 2021), or the effect of sucrose 

exudation on nitrogen availability (Buckley et al., 2022). 

The application of reverse microdialysis, combined with the use of 13C-labelled organic compounds 

and stable isotope tracing, allows for an unprecedented examination of the spatial and temporal 

dynamics of microbial metabolism and soil chemistry in response to simulated root exudation (König 

et al., 2022). By creating discrete, mm-sized locations of enhanced carbon concentration, researchers 

can trace microbial respiration and uptake of exuded compounds with fine-scale precision. This 

approach not only simulates the natural process of root exudation but also provides valuable insights 

into the microbial activity and chemical changes (metabolite production and soil solution chemistry) 

within the soil, especially in the context of simulated root exudation. 

In summary, microdialysis represents a pivotal tool in soil science, enabling the detailed study of 

soil solution chemistry and microbial dynamics with minimal disturbance to the native soil structure. 

Through both its classic and reverse applications, it offers a unique lens through which the complex 

interactions between roots and soil microorganisms can be explored, shedding light on the intricate 

processes that govern soil health and nutrient cycling. 

3.2 Advanced imaging techniques for spatial analysis 

The rhizosphere environment differs greatly at the microscale, and these variations across 

microhabitats affect the spatial distribution and activity of microorganisms (Chenu et al., 2001; 

Raynaud and Nunan, 2014; Kim et al., 2015; Juyal et al., 2021). Consequently, it is important to 

investigate the microscale spatial factors that influence microbial processes in the rhizosphere, 

alongside the temporal dynamics. However, traditional approaches such as bulk soil extraction or soil 

solution sampling through microsuction cups or Rhizon samplers (Puschenreiter et al., 2005; 

Dessureault-Rompré et al., 2006; Baumert et al., 2018) disturb the soil matrix and fail to capture the 

heterogeneity and inherent dynamics in natural soil environments (Moran and McGrath, 2021). 

 To address these challenges, advanced imaging techniques are of interest, which can visualize the 

microbial distribution, the soil microarchitecture and elemental composition, and the microbial activity 

at high spatial resolutions (Védère et al., 2022). Fluorescence microscopy, for example, enables the 

assessment of the microbial community distribution and plant-microbe interactions by using 

fluorochrome staining or targeted fluorescence in situ hybridization (FISH) (Eickhorst and Tippkötter, 

2008; Cardinale, 2014; Schmidt et al., 2018). Nanoscale secondary ion mass spectrometry (NanoSIMS) 
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is a valuable tool for mapping the distribution of elements (Herrmann et al., 2007; Mueller et al., 2012). 

When integrating NanoSIMS with isotope labelling (i.e. ‘nanoSIP’), it can elucidate the microscale 

spatial distribution of microorganisms and provide detailed insights into soil chemistry and SOM 

dynamics  (Clode et al., 2009; Mueller et al., 2012; Pett-Ridge and Firestone, 2017). Moreover, 

combining nanoSIP with FISH has proven effective for  linking microbial identity to isotopic enrichment 

(Li et al., 2008; Musat et al., 2014). 

These techniques enable the study of soil chemistry and microbial interactions in situ, preserving 

the integrity of the soil's physical structure and capturing the transient and localized nature of 

microbial processes. By mitigating the limitations associated with more invasive sampling methods, 

such approaches offer a more accurate reflection of the complex interactions between roots and soil 

microorganisms, crucial for advancing our understanding of nutrient cycling in the context of 

rhizosphere dynamics. 

This underscores the necessity of innovative approaches that can elucidate the spatial and 

temporal patterns of microbial activity and their responses to root exudates within undisturbed soil 

systems, addressing a gap that has long been neglected in soil microbial ecology. 
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4. Thesis outline and main goal 

The interaction between plant roots and soil microbes is a fundamental aspect of soil carbon 

cycling. Organic carbon (C) released by the roots serves as a source of energy and nutrients to the soil 

microbes. These microbes may utilize the C to form new microbial biomass, which ultimately form soil 

organic matter (SOM) and contributes to C sequestration (CO2 sink). Alternatively, the C input may 

accelerate SOM decomposition (i.e., rhizosphere priming effect), or the microbes may respire the C, 

converting it to CO2. Both of these outcomes contribute to the C flux between the soil and the 

atmosphere. A thorough understanding of microbial utilization of root exudates and SOM, along with 

the microbial activity and metabolic processes occurring at root exudation sites, is essential. However, 

the complex microbial processes and mechanisms transpiring at these hotspots remain poorly 

understood. 

The primary goal of my thesis was to unravel the fine-scale spatiotemporal dynamics of microbial 

activity that occur at root exudation sites and investigate the mechanisms that cause accelerated soil 

organic matter (SOM) degradation rates (i.e. priming) and its persistence long after the exudates have 

been depleted. Additionally, we wanted to explore how these dynamics are influenced by the 

composition of root exudates in different soil types. The foundational approach across the studies in 

this thesis was to release organic compounds into undisturbed soil using ‘reverse’ microdialysis, which 

closely mimics passive root exudate release and allowed for a detailed investigation of its immediate 

effects. 

The second chapter of my thesis is dedicated to unravelling the fine-scale temporal dynamics of 

microbial activity and soil metabolite profiles following a simulated root exudation event by reverse 

microdialysis into undisturbed soil from a beech forest. The artificial root exudate was comprised of 

sugars and organic acids reflective of compounds commonly found in root exudates. Our study 

revealed that simulated root exudation with labile C-compounds in undisturbed soil significantly 

altered microbial metabolism and enhanced nutrient availability near the exudation site. Our 

experiment revealed a three-stage microbial response to artificial root exudation in undisturbed soil: 

Starting with an initial rapid substrate respiration potentially leading to oxygen depletion within hours, 

followed by (anaerobic) metabolism and the release of fermentation byproduct and N-compounds 

within a day, culminating in an accelerated SOM respiration by day three. These findings highlight the 

dynamic shifts in microbial metabolism and nutrient availability at the exudation site and advance our 

comprehension of the processes that contribute to rhizosphere priming. 

The third chapter of my thesis explores the differential impact of sugars and organic acids, key 

components of root exudates, on microbial activity, soil metabolite production and priming effects in 
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different soil types. We simulate root exudation of only sugars, only organic acids, or their combination 

into intact meadow and forest, to clarify the impact of each compound class. We assessed substrate-

induced microbial respiration, SOM mineralization, metabolite concentrations, and substrate 

incorporation into microbial lipid-derived fatty acids. Our findings reveal a distinct microbial 

preference for organic acids over sugars. Organic acids were rapidly removed from the exudation site 

and preferentially respired by the microbial community. Additionally, organic acids led to increased 

concentrations of microbial metabolic byproducts and cations near the exudation spot. In contrast, 

sugar alone had negligible effects on microbial activity, and when combined with organic acids, did not 

alter the outcomes observed with organic acids alone. This chapter elucidates how the composition of 

root exudates influences microbial dynamics and soil chemistry, highlighting the complex interplay 

between root exudate and soil microbial communities. 

The fourth chapter aimed to establish an integrative imaging approach that leverages advanced 

imaging techniques, stable isotope probing, and reverse microdialysis to investigate the microscale 

spatial dynamics of microbial communities in the rhizosphere. We closely mimicked root exudation by 

utilizing reverse microdialysis to introduce 13C-labelled substrates, causing only minimal disturbance 

to the soil structure. We integrated several imaging techniques to monitor the spatial distribution and 

assimilation of these substrates by soil microbes. Employing confocal laser scanning microscopy 

(CLSM), we visualized the spatial distribution of fluorescently labelled microbial cells in resin-

embedded soil cores. Nanoscale secondary ion mass spectrometry (NanoSIMS) provided detailed 

isotopic and elemental analyses, mapping the distribution of 13C alongside elements associated with 

organic compounds (C, N) and mineral particles (Si, Al). Scanning electron microscopy (SEM) 

complemented this by providing a structural context by visualized the soil microstructure surrounding 

the exudation site. By correlating structural data with chemical signatures, our approach allowed for 

the precise localization and characterization of microbial cells involved in the substrate assimilation. 

This integrated imaging approach provided a comprehensive view of the microbial assimilation 

patterns and the surrounding soil chemistry, revealing a varied microbial response to substrate 

availability. This chapter highlight the usefulness of combining these imaging methods to elucidate the 

spatial dynamics of microbial activity, such as substrate utilization, at the microscale, laying the 

foundation for understanding the microscale root-soil-microbe interactions in the rhizosphere.  
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Abstract 

Sugars and organic acids, primary components in plant root exudates, are thought to enhance 

microbial decomposition of organic matter in the rhizosphere. However, their specific impacts on 

microbial activity and nutrient mobilisation remain poorly understood. Here, we simulated passive 

root exudation to investigate the distinct effects of sugars and organic acids on microbial metabolism 

in the rhizosphere. We released 13C-labelled sugars and/or organic acids via reverse microdialysis into 

intact meadow and forest soils over 6-hours. We measured substrate-induced microbial respiration, 

soil organic matter mineralization, metabolite concentrations, and substrate incorporation into lipid-

derived fatty acids. Our results reveal a pronounced microbial preference for organic acids over sugars, 

with organic acids being removed faster from the exudation spot and preferentially respired by 

microbes. Unlike sugars, organic acids increased concentrations of microbial metabolic byproducts 

and cations (K, Ca, Mg) near the exudation spot. Our results challenge the prevailing assumption that 

sugars are the most readily available and rapidly consumed substrates for soil microbes. Microbial 

preference for organic acids indicates a trade-off between rapid biomass growth and ATP yield. Our 

findings underscore the significant role of exudate composition in influencing microbial dynamics and 

nutrient availability, and emphasize the importance of biotic and abiotic feedback mechanisms in the 

rhizosphere in regulating root exudation. 

Key words:  

Artificial root exudate, rhizosphere processes, biogeochemical feedback, cation mobilization, short-

chain fatty acids, microbial metabolites, growth yield trade-off  
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1. Introduction 

Plants release a considerable fraction of recently photo-assimilated carbon (C) as low-molecular 

weight compounds, such as sugars, organic acids and amino acids, via their fine roots (Badri and 

Vivanco, 2009; Jones et al., 2009; Canarini et al., 2019; Vives-Peris et al., 2020). These root exudates 

trigger a cascade of biotic and abiotic interactions in the rhizosphere. They facilitate the release of 

organic matter from mineral surfaces, and enhance its decomposition by soil microbes, thereby 

increasing nutrient availability in the soil immediately surrounding the roots (Brzostek et al., 2013; 

Drake et al., 2013; Kuzyakov and Blagodatskaya, 2015; Mommer et al., 2016; Lu et al., 2019). Root 

exudation rates, which are linked to plant photosynthesis rates, appear to be increasing due to 

increasing atmospheric CO2 concentrations, with repercussions for soil organic matter turnover in the 

rhizosphere (Phillips et al., 2011; Meier et al., 2015; Calvo et al., 2017; Gargallo-Garriga et al., 2018; 

Dong et al., 2021). 

Beyond just the quantity of root exudates, the chemical identity of exudates is expected to 

influence rhizosphere processes. Sugars and organic acids, two of the main compound classes in root 

exudates (Smith, 1976; Fender et al., 2013), are expected to affect the abiotic and biotic soil 

environment differently (Jones et al., 2003; Oburger et al., 2009; Steinauer et al., 2016). In contrast to 

sugars, organic acids are charged, and so they are more likely to be sorbed to the soil mineral phase, 

becoming unavailable to microbes until desorption (Jones and Edwards, 1998). Moreover, organic 

acids liberate organic compounds from mineral-organic associations, facilitating their subsequent 

decomposition by soil microbes (Keiluweit et al., 2015; Jilling et al., 2021). At the same time, they 

solubilise or desorb mineral-associated nutrients and metals through acidification, chelation, and 

exchange reactions (Keiluweit et al., 2015; Adeleke et al., 2017; Jilling et al., 2021). Sugars, on the 

other hand, are thought to be primarily and rapidly taken up and metabolised by microorganisms, 

with sorption, leaching and plant uptake playing a much smaller role (Gunina and Kuzyakov, 2015). 

When artificial root exudates were added to low fertility grassland soils, sugars increased respiration 

and dissolved organic C (DOC) more strongly than did organic acids (Liu et al., 2022). Additionally, an 

experiment applying different root exudate compounds to woodland soils showed that glucose was 

more strongly retained in microbial biomass than oxalic acid (Oldfield et al., 2018). Conversely, it is 

thought that organic acids cause stronger changes to the microbial community composition than 

sugars, as they are likely metabolised by specialised microorganisms, whereas sugars are utilised by a 

broader range of microbes (Landi et al., 2006; Eilers et al., 2010; Shi et al., 2011; Macias-Benitez et al., 

2020).  
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Microbial growth on organic acids requires different metabolic pathways than those used when 

growing on sugars. Organic acids, such as short chain fatty acids, need to be transformed by specific 

enzymes into acetyl-coenzyme A, which is then fed into the Tricarboxylic Acid (TCA) cycle to obtain 

energy (Pavoncello et al., 2022). The production of precursors necessary for cellular biosynthesis 

requires: i) a ‘glyoxylate bypass’ in the TCA cycle to produce, e.g., amino acid precursors (Wolfe, 2005; 

Pavoncello et al., 2022)  and ii) gluconeogenesis for the synthesis of glucose from non-carbohydrate 

precursors. The latter pathway runs in the opposite direction to glycolysis (breakdown of glucose to 

pyruvate) (Schink et al., 2022). Microbes may switch between sugar and organic acid metabolization, 

but the reversal of the central C flux direction, from glycolysis to gluconeogenesis, and vice versa, 

involves a lag phase of minutes to hours (Basan et al., 2020). On the one hand, a switch to 

gluconeogenesis can occur after the depletion of sugars that were initially metabolised by glycolysis. 

For example, E. coli excretes acetate during overflow metabolism as a strategy to maximise growth on 

glucose (Basan et al., 2015), and may later switch to utilizing this acetate once glucose is depleted 

(Wolfe, 2005). However, it has also been shown that E. coli co-consumes acetate and glucose when 

glucose is present in excess (Enjalbert et al., 2017). On the other hand, both metabolic pathways could 

run side by side, carried out by different parts of the microbial community specialised in the utilization 

of different substrates (cross-feeding), which would allow for a more resource-efficient utilization of 

available substrates within the microbial community. It is therefore unsurprising that substrate 

identity affects microbial community assembly (composition, diversity) and function (Shi et al., 2011; 

Steinauer et al., 2016; Zhalnina et al., 2018; Gu et al., 2020; Estrela et al., 2021).  

To date, the magnitude and nature of the effects of root exudate composition on microbial activity 

is elusive. Little is known about the distinct effects of major compound classes, such as sugars or 

organic acids, on the dynamics of complex microbial communities in the rhizosphere. Although some 

studies have investigated the effect of different compound classes in artificial root exudates on 

rhizosphere processes, such as soil-mineral interactions (Keiluweit et al., 2015), soil organic C and 

nitrogen (N) turnover (Chari and Taylor, 2022; Liu et al., 2022) and greenhouse gas fluxes (Girkin et al., 

2018a, 2018b), we still lack a deeper understanding of how rhizosphere communities utilise different 

compound classes within exudates.  

Studying microbial processes in undisturbed soil is crucial for obtaining accurate and ecologically 

relevant insights, as biogeochemical and structural heterogeneities at the pore-scale govern soil 

processes and functions (Schlüter et al., 2020). Intact soil structure preserves the natural spatial 

distribution of resources and decomposers, significantly influencing microbial access to resources and 

thereby affecting microbial activity and decomposition processes (Nunan et al., 2020). Equally 

important is the accurate simulation of passive root exudation. Artificial ‘root exudates’ can be 
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introduced into the soil using various techniques beyond directly mixing substrates into the soil. 

Methods include the addition of ‘exudates’ with pipettes or needles (Luo et al., 2014; Steinauer et al., 

2016; Liu et al., 2022), delivery through microporous capillaries (Baumert et al., 2018; Sokol and 

Bradford, 2019; X. Zhang et al., 2019; Chari and Taylor, 2022) or by an automated drip-tip system 

(ARES) (Lopez-Sangil et al., 2017). These so-called ‘artificial roots’ often combine exudate release with 

water flow. However, most root exudates are passively released (Canarini et al., 2019), thereby 

depending on diffusion gradients, which create a direct feedback between their removal by biotic and 

abiotic soil processes and exudate release rates. Conventional mass flow-based ‘artificial roots’ cannot 

account for this feedback, highlighting the need for methods that better simulate natural passive 

exudation. 

By contrast, ‘reverse microdialysis’, which relies on passive diffusion through a small permeable 

membrane, enables the release of compounds from the microdialysis probe based on concentration 

gradients between the membrane’s interior and the surrounding soil solution (Buckley et al., 2022; 

König et al., 2022; Wiesenbauer et al., 2024). This method provides a more realistic simulation of 

passive root exudation by modelling how rhizosphere processes affect compound release rates. 

Specifically, if these compounds are not removed from the soil solution by biotic or abiotic processes, 

their accumulation inhibits further diffusion, highlighting the dynamic feedback from the rhizosphere. 

Measuring this ‘uptake’ feedback not only offers insights into processes that selectively remove 

certain compounds from the rhizosphere but may also inform about the capacity for passive exudate 

release by plant roots under specific conditions.  

Our previous work showed that organic acids were released more rapidly than sugars in soil, 

suggesting quicker removal from the rhizosphere compared to sugars (König et al., 2022; Wiesenbauer 

et al., 2024). We showed that this faster removal cannot be attributed to molecular size, which 

primarily governs diffusion in water. Instead, it may result from a more rapid adsorption to soil 

minerals or a microbial preference for metabolizing organic acids over sugars. This finding contradicts 

the general consensus that simple sugars are more rapidly metabolised by soil microbes due to their 

high energy yield (Gunina and Kuzyakov, 2015; Schink et al., 2022). To determine whether abiotic 

processes or microbial preferences for metabolising organic acids drive these differences in the 

rhizosphere, it is necessary to measure microbial utilisation of different compound classes individually. 

This approach would enhance our understanding of how different compound classes within root 

exudates contribute to nutrient mobilisation and C turnover in the rhizosphere. 

The aim of this study was to analyse the distinct effects of sugars and organic acids, primary 

components of plant root exudates, on fine-scale temporal dynamics of microbial activity and soil 
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chemistry at root exudation hotspots in intact soil. Specifically, we aimed to differentiate the impact 

of these compound classes on microbial and abiotic rhizosphere processes at root exudation hotspots 

using two distinctly different soil types—beech forest soil and extensively managed meadow soil—

allowing for a broader perspective. To investigate this, we utilized reverse microdialysis to release 13C-

labelled sugars and organic acids, both individually and in combination, into intact soil cores over a 6-

hour period while simultaneously collecting metabolites from the soil solution for 18 days. In addition 

to analysing the temporal metabolite dynamics, we measured substrate-induced respiration and soil 

organic matter (SOM) mineralization, and the incorporation of substrates into microbial biomass, 

using lipid-derived fatty acids.  

We hypothesize that:  

a) Sugars, being the most readily available substrate to the broader microbial community, will 

elicit stronger microbial responses than organic acids.  

b) A combination of sugars and organic acids in artificial root exudates will produce additive 

effects, increasing respiration rates and diversifying the spectrum of produced metabolites, 

compared to when these substrates are provided separately, as each compound class 

stimulates different microbial groups and metabolic pathways. 

c) The impact of artificial root exudates on microbial activity will show consistent patterns across 

different soil types, suggesting that microbial responses are primarily determined by the type 

of exudates rather than by soil properties. 

2. Materials and Methods 

2.1 Soil sampling 

Soil samples were collected from an extensively managed meadow (Gumpenstein, Austria, 47° 29’ 

N, 14° 06’ E, 732 m asl.) on 11th July, 2019, which was a Cambisol with loamy sand texture (Reinthaler 

et al., 2021), and a mature beech (Fagus sylvatica) forest (Klausen-Leopoldsdorf, Austria, 48° 07′ N, 

16° 03′ E, 510 m asl.) on 23rd July, 2019, which was a Dystric Cambisol with silty clay texture (König et 

al., 2022) (Tab. 1). For both sites, the upper 6 cm of soil was sampled after removing the above-ground 

biomass and the litter layer. Samples were taken at five spots along an 8 m transect in the meadow 

soil and five random spots within a 5 x 5 m plot in the beech forest, using large soil cores (10 cm 

diameter, 6 cm height).  
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Table 1. Soil properties of forest and meadow soils. 

Soil properties  (a) Forest  (b) Meadow 

Soil type  Dystric Cambisol  Cambisol 
Texture  3% sand, 51% silt, 46% clay 

(silty clay)  
44.2% sand, 47.6% silt, 8.3% 

clay (loamy sand) 

pH (H2O)  4.27 ± 0.17  5.74 ± 0.17 

DOC (mg g-1)  0.16 ± 0.02  0.27 ± 0.03 

TN (mg g-1)  0.04 ± 0.0  0.04 ± 0.0 

Cmic (mg g-1)  0.97 ± 0.16  1.78 ± 0.28 

Nmic (mg g-1)  0.09 ± 0.01   0.42 ± 0.04 

C:Nmic  10.78 ± 0.5  4.15 ± 0.28 

Al (mg g-1)  12.44 ± 0.23  14.03 ± 0.13 

Ca (mg g-1)  1.77 ± 0.38  3.09 ± 0.23 

Cr (mg g-1)  0.03 ± 0  0.05 ± 0 

Cu (mg g-1)  0.03 ± 0  0.04 ± 0 

Fe (mg g-1)  24.73 ± 0.66  30.47 ± 0.3 

Mg (mg g-1)  2.68 ± 0.11  9.2 ± 0.13 

Mn (mg g-1)  1.11 ± 0.11  0.55 ± 0.01 

Na (mg g-1)  0.06 ± 0  0.04 ± 0 

Ni (mg g-1)  0.03 ± 0  0.04 ± 0 

Zn (mg g-1)  0.07 ± 0  0.1 ± 0.01 

The pH, dissolved organic C (DOC), total N (TN), microbial C and N, microbial C:N ratio, and elemental 

concentrations of (a) forest and (b) meadow soil. All values are mean ± SE, n = 5. Exceptions include 

DOC, Cmic, C:Nmic for forest soil, for which n=3.  

 

Initial soil analyses were conducted on samples sieved to 2 mm, collected adjacent to the soil cores 

used for the microdialysis experiment. These analyses included measurements of pH in soil slurries 

(water), and dissolved organic C, total N, microbial C and N by chloroform fumigation extraction (Tab. 

1, Methods S1). Total element concentration (Al, Ca, Cr, Cu, Fe, Mg, Mn, Na, Ni, Zn) of acid-digested 

(Aqua regia), finely ground, lyophilised soils was measured by inductively coupled plasma optical 

emission spectroscopy (ICP-OES, 5110, Agilent Technologies, USA) (Tab. 1).  

We determined gravimetric water content of soils sampled with a small soil corer (1 cm diameter, 

3 cm height) from larger cores. After removing roots, stones and organic material with tweezers, the 

soil was dried overnight in a drying oven. Initial gravimetric water content was 19 ± 3% (mean ± SD) in 

meadow and 12 ± 3% in forest soils. The gravimetric water content of the large soil cores was adjusted 

to 30% during the 2-3 days post-sampling while the soils were incubated at field temperature (12 °C; 

until experiment). Water was added incrementally using a pipette to ensure even distribution across 
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the soil surface: 5 ml was pipetted onto each core on the first and second days, and on the third day, 

the remaining volume (< 5 ml) necessary to achieve the target 30% gravimetric water content was 

added. This adjustment was critical to ensure the effective microdialysis performance, as the soil water 

content is essential for facilitating compound diffusion, particularly at the slow flow rates used in our 

experiments (Buckley et al., 2020; Müller et al., 2023). 

2.2 Experimental design 

To investigate the response of rhizosphere processes to simulated root exudate input in intact 

soil, we designed a microdialysis experiment using the large soil cores that preserved the natural soil 

structure. Three days after collection, eight smaller soil cores (1 cm diameter) were extracted from 

each large soil core using stainless-steel pipes fashioned into corers. These corers had an inner 

diameter of 0.95 cm and a wall thickness of 0.25 cm and were cut into 3 cm length. Subsampling was 

performed to ensure even distribution of the eight 1-cm diameter cores within each large core.  From 

these, pair of cores – twin cores – were formed, assigning one pair to each of four experimental 

treatments. This resulted in a total of 40 twin cores, i.e., 40 pairs of small soil cores, with five replicates 

per treatment across two different soils. These twin cores were treated as a single analytical unit and 

placed in a customised setup, termed a ‘mesocosm’, to ensure unified measurements of respiration, 

collection of analytes (‘dialysates’) and soil harvesting. 

The twin-core approach was a modification from our previous study, which used a single large 

core (2.8 x 3 cm) (König et al., 2022; Wiesenbauer et al., 2024). In that experiment, we determined 

that the microdialysis probe’s influence was limited to a smaller volume around the probe (< 0.5 cm 

radius) than initially expected (Wiesenbauer et al., 2024). Consequently, in our current study, we 

adopted smaller soil cores to ensure the entire soil was affected by the microdialysis probe. This 

adjustment also ensures that changes in SOM-derived respiration in response to artificial root 

exudates are more effectively captured, enhancing the sensitivity and accuracy of our respiration 

measurements.  

For the mesocosm assembly, we used 50 ml Falcon tubes, modified by turning them on their lid 

and cutting them off at 4 cm height, with a Styrofoam placed into the lid to securely hold the twin soil 

cores in their stainless-steel corers (Fig. S1). Into the centre of each small soil core, a microdialysis 

probe (CMA 20, CMA Microdialysis AB, Kista, Sweden) with a membrane length of 10 mm and a 

molecular weight cut-off of 20 kDa was inserted.  

The microdialysis probes were connected to syringe pumps (CMA 4004, CMA Microdialysis AB, 

Solna, Sweden), set to perfuse at a rate of 2.5 µl min-1 per membrane (the liquid is called perfusate). 
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Each pair of cores within a mesocosm was connected via a Y-connector (CMA Microdialysis AB) to one 

syringe that delivered equal volume to both cores, ensuring homogeneous perfusion across twin 

cores. Additionally, the microdialysis probes were connected to cooled (6 °C) fraction collectors (CM4 

470, CMA Microdialysis AB, Solna, Sweden), which collected dialysate samples (i.e., the liquid 

containing the analytes collected through passive diffusion from the soil solution) in fractions of 45 

min (112.5 µl). The dialysates from each pair were pooled, reflecting a combined response from the 

twin cores, which allowed for a comprehensive assessment of nutrient dynamics within the 

mesocosm. 

2.3 Simulation of root exudation using microdialysis 

On day 1 of our 18-day long microdialysis experiment, we simulated a 6-hour long root exudation 

using the ‘reverse’ microdialysis approach (König et al., 2022). To investigate the effect of different 

root exudate compositions on soil metabolite dynamics, we utilised three artificial exudates (i.e., 

perfusates): pure sugar, pure organic acids, a combination of both, alongside a water-only control for 

comparison. Specifically, sugar-only exudates consisted of glucose and fructose, organic acid-only 

exudates contained acetic and succinic acid, and the mixed exudate was comprised of all four 

compounds, each uniformly labelled with 99 atom% 13C (Sigma-Aldrich). A C concentration of 500 

µmol C l-1 per compound was maintained in each exudate treatment. This approach was chosen to 

facilitate direct comparisons and isolate the effects of compound type from those related to carbon 

concentration, allowing us to attribute variations in response specifically to the properties of the 

individual compounds themselves. Specifically, the sugar treatment comprised 500 µmol C l-1 each of 

glucose and fructose, totalling 1000 µmol C l-1. The organic acid treatment contained 500 µmol C l-1 

each of acetate and succinate, also totalling 1000 µmol C l-1. For the mixed treatment, each of the four 

compounds (glucose, fructose, acetate, succinate) was included at 500 µmol C l-1, totalling 2000 µmol 

C l-1. These compounds, commonly found in root exudates (Smith, 1976), were selected to cover a 

range of chemical structures typical of root exudates (Vives-Peris et al., 2020). It is important to note 

that the ratio of sugars to organic acids in this study was not designed to replicate the composition 

found in natural root exudates, as this ratio varies widely across different plant species (Smith, 1976; 

Williams et al., 2022), growth phases (Gransee and Wittenmayer, 2000), and environmental conditions 

(Gargallo-Garriga et al., 2018). 

Initially, all mesocosms were infused with ultrapure water for 3 hours to assess the initial state of 

soil solution chemistry. Subsequently, each mesocosm was infused with its respective perfusate, i.e., 

either artificial root exudate (sugars, organic acids, mixed) or ultrapure water for controls. Following 

the 6-hour exudate simulation, all treatments were continuously infused with ultrapure water for 
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three days, during which dialysates were collected to further explore soil metabolite dynamics. All 

dialysates were pooled in 3-hour fractions (four consecutive 45-minute dialysates) and stored at -20 

°C until analysis. After this period, the pumps were turned off, and the membranes were left in the 

soils. Subsequently, on days 4, 5, 6 and 18, the pumps were turned on for 4.5 hours each day to collect 

additional dialysates.  

2.4 Soil metabolite analysis  

Concentrations of sugars, organic and inorganic anions, and cations in the dialysates were 

quantified using high-performance liquid chromatography (HPLC, Dionex ICS 5000+, Thermo Fisher, 

Germany). Sugars (supplements: glucose, fructose; not detectable: galactose, sucrose) were measured 

on a Thermo CarboPac PA20 (0.4 x 150 mm) column with a Thermo CarboPac PA20G (0.4 x 35 mm) 

guard column at a constant flow rate of 8 µl min-1 with a KOH solvent. Anions (butyrate, lactate, 

propionate; supplements: acetate, succinate; no significant response: citrate, formate, malate, 

nitrate, oxalate, phosphate, sulfate) were measured on a Dionex IonPac AS11-HC (2 x 250 mm) column 

with a Dionex IonPac AG11-HC (2 x 50 mm) guard column at a constant flow rate of 0.25 ml min-1 with 

a KOH solvent. Cations (ammonium, potassium, magnesium, calcium; not quantifiable: manganese) 

were measured on a Dionex IonPac CS16 (5 x 250 mm) column with a guard column at a constant flow 

rate of 1 ml min-1 with a methansulfonic acid as solvent. Further details on the HPLC methods are 

provided in supporting information (Methods S2, S3, S4). Sugars and anions were measured at 14 time 

points, while cations were measured at 8 time points throughout the experiment.  

2.5 Transfer and retrieval rates 

We determined the release of glucose, fructose, acetate and succinate into the soil as the 

percentage of the total concentration of each compound in the exudation solution that was passively 

released into the soil. We calculated these so-called ‘transfer rates’ based on the compound 

concentrations in the exudation solution before and after their passage through the microdialysis 

system (König et al., 2022).  

𝑇𝑟𝑎𝑛𝑠𝑓𝑒𝑟 𝑟𝑎𝑡𝑒 (%) =  (
𝐶𝑝𝑒𝑟𝑓𝑢𝑠𝑎𝑡𝑒−𝐶𝑑𝑖𝑎𝑙𝑦𝑠𝑎𝑡𝑒

𝐶𝑝𝑒𝑟𝑓𝑢𝑠𝑎𝑡𝑒
) ∗ 100    (1) 

where Cperfusate is the concentration in the exudation solution before it was pumped through the 

microdialysis system (‘perfusate’) and Cdialysate is the concentration in the exudation solution that was 

collected after it was pumped through the microdialysis system (‘dialysate’). 
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Additionally, ‘retrieval rates’ were calculated as the percentage of released compounds that were 

recovered from the soil surrounding the membrane over a 12-hour period following the exudation. 

During this period, all treatments were infused with ultra-pure water to collect compounds present in 

the soil solution around the membrane. 

𝑅𝑒𝑡𝑟𝑖𝑒𝑣𝑎𝑙 𝑟𝑎𝑡𝑒 (%) =  
𝐶𝑟𝑒𝑡𝑟𝑖𝑒𝑣𝑒𝑑 

𝐶𝑟𝑒𝑙𝑒𝑎𝑠𝑒𝑑
∗ 100      (2) 

Here, Creleased is the total amount of a compound released during the 6-hour exudation pulse and 

Cretrieved is the amount recovered from soil within 12 hours.  

The transfer rates reflect the efficiency with which compounds pass from the perfusate though 

the microdialysis membrane into the surrounding soil solution. In water, transfer rates are primarily 

governed by diffusive molecular properties like size and charge. In intact soils, however, transfer rates 

are significantly lower and predominantly determined by soil type, independent of molecular 

properties (König et al., 2022). This difference arises because the soil’s physical structure confines the 

diffusible space for released molecules to a small volume around the membrane. Molecules that are 

not removed by biotic (e.g. microbial assimilation) or abiotic (e.g. adsorption to minerals) mechanisms 

quickly accumulate outside the membrane, restricting further diffusion. Determining transfer rates of 

certain molecules into a given soil will thus inform about how readily these compounds are removed 

from the surrounding of the exudation spot by abiotic or biotic mechanisms.  

Retrieval rates also provide insight into the dynamics of compound removal following their 

release. Higher retrieval rate suggest that a larger proportion of the initially released compounds 

remained in the soil solution, not assimilated by microbes or removed by abiotic processes, and were 

therefore recoverable. Thus, retrieval rates measure the extent to which released compounds are 

either retained or processed in the soil environment post-release. 

2.6 Respiration measurements 

To measure microbial respiration, mesocosms were placed in airtight jars fitted with septa for gas 

sampling (Fig. S1). Microdialysis tubing was passed through the septa to enable continuous dialysate 

collection. Gas samples were taken before, during, and after the substrate pulse on day 1, with 

additional samples collected on subsequent days 2, 4, 6, and 18. For gas sampling, the jars were closed, 

the first gas sample was taken with a syringe (18 ml) and replaced with artificial air (200 ppm CO2) to 

prevent negative atmospheric pressure. After incubation (~90 min on day 1 & 2; during exudation 

~180 min for forest and ~130 min for meadow), a second gas sample was taken, and jars were opened. 

On days 4, 6, and 18, incubation lasted ~140 min, except ~180 min for meadow soils on day 8. We 
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measured CO2 concentration and 13C signature of gas samples using a headspace gas sampler 

(GasBench II, Thermo Fisher Scientific, Bremen, Germany) coupled to an isotope ratio mass 

spectrometer (Delta V Advantage, Thermo Electron, Bremen, Germany). The CO2 concentration and 

13C signature of the second gas sample were corrected for added artificial air. 

The respiration rate (nmol CO2 g-1 dw h-1) and its atom percent 13C (at% 13C) signature were 

calculated as the difference of 12C-CO2 and 13C-CO2 concentration between the first and second 

corrected gas sample. Using uniformly 13C-labelled substrates allowed us to distinguish between 

substrate-derived and SOM-derived respiration using a two-pool mixing model, considering the 13C 

signature of added substrate and natural 13C abundance of control mesocosm respiration. Detailed 

calculations are provided in the supporting information (Methods S5). 

2.7 Harvest 

On day 18, we harvested the soil surrounding the microdialysis membrane from two distances: 

’central’ (≤ 2.5 mm radius) and ‘surrounding’ soil (> 2.5 mm radius). After pulling out the microdialysis 

probe, we used a 5 mm inner diameter stainless steel tube to collect the ‘central’ soil. Soil of twin 

cores were pooled for each mesocosm, and small stones and larger organic materials were removed 

using tweezers. Soils were lyophilised for 48 hours and stored at -20°C until further analysis. The 

‘surrounding’ soil (> 2.5 mm from input) was used for lipid extraction, because the ‘central’ soil was 

used for another analysis, which unfortunately remained inconclusive and was thus not added to this 

manuscript. Consequently, the relatively low 13C signal observed is a conservative estimate of  lipid-

derived fatty acid enrichment near the membrane, as we previously demonstrated that 13C 

enrichment decreases significantly with distance from the microdialysis membrane (Wiesenbauer et 

al., 2024).  

2.8 PLFA and NLFA analyses 

To assess the incorporation of labile substrates into microbial biomass and their impact on 

microbial community structure, we extracted the phospholipid and neutral lipid fatty acids (PLFA, 

NLFA) from the lyophilised ’surrounding’ soils (> 2.5 mm from input) as described in Gorka et al. (2023). 

For a complete description of the extraction procedure and fatty acid assignments see the supporting 

information (Methods S6). The extracted fatty acid methyl esters were analysed using gas 

chromatography (Trace GC Ultra, Thermo Scientific, Germany) coupled to a mass spectrometer (ISQ, 

Thermo Scientific, Germany) for fatty acid identification and quantification, as well as a GC-Ultra 

(Thermo Fisher Scientific, Milan, Italy) coupled to an isotope ratio mass spectrometer (IRMS; Finnigan 

Delta-V, Thermo Fisher Scientific, Bremen, Germany) for determination of isotopic 13C/12C ratios.  
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2.9 Statistical analysis 

All statistical analyses were performed using R version 4.2.2 (R Core Team, 2022). We assessed 

differences between treatments for each time point in SOM-derived and substrate-derived respiration 

rates (nmol CO2 g-1 dw h-1), compound concentrations in dialysate (µmol l-1), transfer and retrieval 

rates (%), and PLFAs and NLFAs (nmol C g-1 dw, at% 13C). Since the data did not meet the assumptions 

of normality, we performed Kruskal-Wallis tests separately for each soil type to determine significant 

differences (α = 0.05) between treatments. This was followed by Dunn’s tests as post-hoc analysis 

(Bonferroni corrected p-values) to identify specific differences between treatments. The Kruskal-

Wallis test statistics and Dunn’s post-hoc test results of compound concentrations and substrate-

derived respiration rates are presented in the supplement tables (Tab. S1, S2, S3). For compound 

concentrations released during the pulse, we also analysed differences between the first and second 

half of the exudation pulse using repeated measures ANOVA when assumptions of normality and 

variance homogeneity were met; otherwise, we used paired Wilcoxon signed-rank tests (Table S4). 

Figures were created using ggplot2 (Wickham, 2016). 

3. Results 

3.1 Microbes preferentially respired organic acids compared to sugars 

Both forest and meadow soils exhibited higher respiration rates of organic acids compared to 

sugars (Fig. 1). Substrate addition did not significantly change SOM-derived respiration in either soil 

with SOM-derived respiration rates remaining similar to controls throughout the 18-day experiment 

(Fig. 1). Both soils exhibited the highest substrate-derived respiration rate during the exudation pulse, 

which decreased thereafter (Fig. 1). Substrate-derived respiration rates were about 4-8 times higher 

when organic acids were part of the exudate solution compared to when only sugars were present. 

There was a minor, non-significant difference in substrate-derived respiration rates between soils 

receiving sugars and organic acids combined and those receiving only organic acids, which was slightly 

more pronounced in the meadow soil (Fig. 1, Tab. S1). Substrate respiration was measured for a 3-

hour period during the 6-hour input pulse. Extrapolating the measured values to 6 hours, and relating 

them to the measured C input, shows that about 8, 10 and 9% of the released C has been respired 

during the pulse in the sugar, organic acid and mixed treatment, respectively. 
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Figure 1. The SOM-derived and substrate-derived respiration rates (nmol CO2 g-1 dw h-1) for (a) forest 

and (b) meadow soils. The 6-hour long labile substrate pulse (hours 4-9) is indicated by a grey 

background. An x-axis break follows the initial 26-hour period, and subsequent measurements (days 

4-18) are presented on a day-timescale. Data are presented as means ± SE (n = 5). Asterisks denote 

significant differences (Kruskal-Wallis test, * < 0.05, ** < 0.01, *** < 0.001) between soils that received 

an input of sugars (dark blue), organic acids (orange), sugars combined with organic acids (pink), and 

the control (light blue; only SOM-derived respiration). Kruskal-Wallis test statistics and Dunn’s post-

hoc test results of substrate-derived respiration are provided in Table S1. 
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3.2 Higher passive release for organic acids than sugars 

We observed that the transfer rates - percentage of artificial root exudates that was passively 

released into the soil - were considerably higher for organic acids (55-67% acetate, 39-41% succinate) 

than for sugars (7-17% glucose, 14-23% fructose) (Fig. 2, forest: χ2(3) = 0.001, p < 0.001, meadow: 

χ2(3) = 31.436, p < 0.001). Additionally, several of the transfer rates were higher in the first half 

compared to the second half of the 6-hour long labile substrate pulse (Fig. S2, Tab. S4). Given that 

each compound was present at identical concentration (500 µmol C-1 l-1 per compound) in the 

perfusates, i.e. artificial root exudates, differences in transfer rates reflected differences in absolute 

amounts of C released. Over the 6-hour input period, on average 90-110 nmol C was released from 

the sugar-only perfusate, while 430-490 nmol C was released from the organic acids-only perfusate 

(Fig. 3). The mixed sugar and organic-acid treatment released about 550-660 nmol C, reflecting the 

combined sum of the C released in the sugar-only and organic acids-only treatments. There was no 

significant difference in the amount of each compound released, regardless of whether they were in 

a single-compound class treatment or the mixed treatment (Fig. 3). 

In the hours after the labile substrate pulse had ended, less than 1% of the released compounds 

were back retrieved from the forest soil (Fig. 2). In the meadow soil, retrieval rates were varied for 

different compounds, i.e., less than 1% of acetate and about 6% of succinate were retrieved, while the 

retrieval rates of glucose and fructose were higher, at 28-42% and 21-25% respectively (Fig. 2, S3). 
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Figure 2. Transfer and retrieval rates (%) of substrates during and after a 6-hour artificial root exudate 

pulse in (a) forest and (b) meadow soils. The experiment included three labile substrate treatments 

(‘exudates’): sugar-only (dark blue), containing glucose and fructose; organic acid-only (orange), 

containing acetate and succinate; and a mixed exudate (pink), containing all four compounds. Each 

compound was present at a concentration of 500 µmol C l-1 in the artificial root exudates. Transfer 

rates indicate the percentage of these compounds released during the 6-hour pulse, while retrieval 

rates indicate the percentage of initially transferred substrates recovered from the soil in the 12 hours 

following the pulse. Transfer and retrieval rates of individual compounds did not significantly differ 

between substrate treatments (Kruskal-Wallis test). Data are presented as means ± SE (n = 5).  
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Figure 3. Substrate release and retrieval (nmol C) during and after a 6-hour artificial root exudate pulse 

in (a) forest and (b) meadow soils. The experiment included three labile substrate treatments 

(‘exudates’): sugar-only, containing glucose and fructose; organic acid-only, containing acetate and 

succinate; and a mixture exudate, containing all four compounds. Transferred compounds refers to 

the amount of C released during the 6-hour pulse, while retrieved compounds quantify the amount of 

initially added C recovered from the soil in the 12 hours following the pulse. Data are presented as 

means ± SE (n = 5). 
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3.3 Organic acids, but not sugars, induced increased microbial metabolites 

and cations 

The release of organic acids by reverse microdialysis (with or without sugars) led to a significant 

rise in the concentrations of the short-chain fatty acids (SCFAs) butyrate, lactate, and propionate 

during the second half of the simulated root exudation pulse (i.e., at about 3 hours after the start of 

the pulse) (Fig. 4, Tab. S2). Curiously, in the forest soil the increase in lactate levels was much more 

pronounced in response to the organic acids-only compared to the mixed exudate, with 

concentrations increasing 10-fold (Fig.4). In addition, organic acid release (with/ without sugars) 

significantly increased ammonium (NH4), potassium (K), magnesium (Mg), and calcium (Ca) 

concentrations around the probe during the pulse (Fig. 5, Tab. S2). The release of sugars, on the 

contrary, did not elicit any discernible changes in the concentrations of SCFAs or cations compared to 

the control (Fig. 4, Fig. 5, Tab. S2). Providing sugars alongside organic acids did not affect the 

concentrations of metabolites or cations compared to organic acids-only treatment, except for the 

higher lactate levels in the latter (Fig.4). This pattern of organic acids inducing higher concentrations 

of metabolites and cations, while sugars did not, was largely consistent across both investigated soils.  

In addition to the immediate effects following the simulated root exudation pulse, treatment-

induced changes in metabolite and cation concentrations were also observed at later time points (day 

2-18, Fig. 4, Fig. 5). They were, however, not consistent across soils or treatments. For instance, lactate 

concentration was increased after 18 days in the forest soil after mixed compound addition. Similarly, 

NH4 was significantly increased in forest soils 6 days after having received organic acids. There was, 

however, no effect on NH4 concentrations beyond the first 24 hours in the meadow treatment. 
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Figure 4. Concentration of butyrate, lactate, and propionate (µmol l-1) in dialysates collected from (a) 

forest and (b) meadow soils before, during and after a 6-hour long labile substrate pulse. The period 

of simulated exudation (hours 4-9) is indicated by a grey background. An x-axis break follows the initial 

24-hour period, and subsequent observations (days 2-18) are presented on a day-timescale. Asterisks 

denote significant differences (Kruskal-Wallis test, * < 0.05, ** < 0.01, *** < 0.001) between soils that 

received an input of sugars (dark blue), organic acids (orange), a mixture of sugars and organic acids 

(pink), and control (light blue). Data are presented as means ± SE (n = 5). Each data point represents 

the mean concentration measured in dialysates collected over a 3-hour period on day 1 and a 4.5-

hour period on subsequent days, plotted at the midpoint of each collection period. Kruskal-Wallis test 

statistics and Dunn’s post-hoc test results are provided in Table S2. 
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Figure 5. Concentrations of ammonium, potassium, magnesium, and calcium (µmol l-1) in dialysates 

collected from (a) forest and (b) meadow soils before, during and after a 6-hour long labile substrate 

pulse. The period of simulated exudation (hours 4-9) is indicated by a grey background. An x-axis break 

follows the initial 24-hour period, and subsequent observations (days 2-18) are presented on a day-

timescale. Asterisks denote significant differences (Kruskal-Wallis test, * < 0.05, ** < 0.01, *** < 0.001) 

between soils that received an input of sugars (dark blue), organic acids (orange), a mixture of sugars 

and organic acids (pink), and control (light blue). Data are presented as means ± SE (n = 5), except for 

hour 4 (n = 1). Each data point represents the mean concentration measured in dialysates collected 

over a 3-hour period on day 1 and a 4.5-hour period on subsequent day, plotted at the midpoint of 

each collection period. Kruskal-Wallis test statistics and Dunn’s post-hoc test results are provided in 

Table S2. 
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3.4 Incorporation of combined sugars and organic acids into microbial 

biomass versus sugars-only into microbial storage  

The sum of all microbial PLFAs (nmol C g-1 DW), which we used as a proxy for total microbial 

biomass, remained unaffected by simulated root exudation (>2.5 mm distance from membrane) 

across treatments (Fig. 6). Similarly, there was no increase in PLFA concentrations associated with any 

individual microbial group (gram-negative and gram-positive bacteria, fungi, actinobacteria) (Fig. S4). 

The sum of microbial NLFAs, which we use as a proxy for microbial storage compounds, significantly 

increased in meadow soils that had received a mix of organic acids and sugars (Fig. 6). This increase 

was primarily attributed to an increase in the general NLFA biomarkers, such as palmitic acid (16:0) 

(Fig. S6).  

PLFAs were significantly enriched in 13C in meadow soils in response to mixed labile substrate 

addition (at% 13C: Fig. 6). A similar, though statistically non-significant, trend of 13C incorporation in 

PLFAs was observed in forest soils following organic acid additions (with or without sugars). However, 

this trend was significant in forest soils when looking only at general and gram-negative PLFA 

biomarkers (Fig. S5). We observed a significant 13C enrichment into NLFAs after sugar addition in 

meadow soils (Fig. 6). Again, this enrichment was mainly driven by incorporation of 13C into general 

NLFA biomarkers, such as 16:0 (Fig S7). 



 

74 
 

 

 

Figure 6. The concentration (nmol C g-1 dw) and 13C enrichment (at% 13C) of phospholipid fatty acids 

(PLFAs) and neutral lipid fatty acids (NLFA) in (a) forest and (b) meadow soils. Letters indicate 

significant difference between treatments (Kruskal-Wallis test, p < 0.05, Post-hoc test: Dunn’s test) 

that received only sugars (dark blue), only organic acids (orange), a mixture of sugars and organic acids 

(pink), and a control (light blue) that did not receive a labile substrate pulse (n = 5). Note that our 

sampling excluded soil within a 2.5 mm radius of the microdialysis membrane, making the 

measurements a conservative estimate of lipid-derived fatty acids enrichment in the immediate 

vicinity of the membrane. 
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4. Discussion 

Organic acids and sugars are two of the major compound classes exuded by plant roots. It has 

often been assumed that sugars act as a primary energy source for microbes, while organic acids play 

a key role in releasing nutrients from mineral and humic surfaces (Keiluweit et al., 2015). However, 

our findings extend these traditional views by demonstrating that organic acids in plant root exudates 

may also serve as an essential energy source for microbes, which are metabolised even faster and to 

a greater extent compared to sugars. 

4.1 Disparity in sugar and organic acid release  

Our results show considerably higher passive release rates of organic acids compared to sugars in 

both soils (Fig. 2, Fig. 3). The already low release rates of sugars dropped further in the second half of 

the pulse, indicating rapid saturation of sugars around the microdialysis membrane (Fig S2, Tab S4). 

Moreover, in the forest soil, lower sugar transfer rates were associated with high back retrieval rates 

after the substrate pulse ended (Fig. 2). We consistently observed this pattern across our previous 

studies involving various soil types (König et al., 2022; Wiesenbauer et al., 2024) suggesting that lower 

rates of passive sugar release into soil compared to organic acids might be a widespread phenomenon. 

Our previous research demonstrated that higher substrate diffusion through microdialysis into intact 

soil can only be attributed to higher rates of biotic or abiotic compound removal around the 

membrane, which supersedes effects of molecular size and charge (König et al., 2022). Higher removal 

rates of acetate and succinate may partly be attributed to their charged nature, which facilitates rapid 

adsorption to minerals (Jones et al., 2003). Nevertheless, the significantly higher respiration derived 

from organic acids suggests a more substantial microbial uptake and mineralization rate compared to 

sugars (Fig. 1), which may have contributed to the consistently high release of organic acids during the 

simulated root exudation (Fig. S2). Our findings imply a microbial preference for organic acids over 

sugars, challenging the established view that sugars (monosaccharides) are the preferred source of 

readily available substrates which are rapidly consumed (Jones and Murphy, 2007; Gunina and 

Kuzyakov, 2015). 

4.2 Preferential utilization of organic acids over sugars  

Why do microbial communities in both soils prefer to assimilate organic acids, even though 

catabolizing sugars typically yields more energy? The full oxidation of hexoses, such as glucose and 

fructose during aerobic respiration yields about 28-32 ATP (Romano and Conway, 1996; Pastor et al., 

2019), while those of organic acids such as acetate only yields about 12 ATP. 
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Despite this, we found that microbes favoured acetate and succinate. These organic acids are 

often considered metabolic endproducts in bacteria due to their partial oxidation, yet they serve as 

vital sources of C and energy that offer distinct advantages. For instance, acetate can be metabolized 

through the formation of acetyl-coenzyme A (acetyl-CoA), employing a shorter pathway that bypasses 

the decarboxylation step of glucose to acetyl-CoA (S. Zhang et al., 2019; Hosmer et al., 2023). This 

acetyl-CoA then enters the TCA cycle and is linked to energy production through a series of reactions 

that efficiently generate ATP and other energy carriers. Under conditions of high substrate flux, 

shorter metabolic pathways result in higher rates of ATP production, albeit at a lower ATP yield per 

unit of metabolised substrate (Kreft et al., 2020).  

The choice to metabolise organic acids over sugars suggests a strategic trade-off by microbes 

between maximizing rate of ATP production and thus biomass growth and optimizing ATP yield (Kreft 

and Bonhoeffer, 2005; Wortel et al., 2018; Kreft et al., 2020). In environments where rapid biomass 

accumulation is crucial and substrate is in excess, such as in the rhizosphere or the here investigated 

exudation hotspots, the fast but lower-yielding ATP production from organic acid catabolism may be 

more beneficial than pursuing the higher ATP yield from sugar metabolism. 

In addition, sugars and organic acids fuel two major opposing pathways of the central C 

metabolism—glycolysis for energy production from glucose, and gluconeogenesis for synthesizing 

glucose from non-carbohydrate sources (Schink et al., 2022). Typically, microbes metabolize either 

glucose or organic acids, since both metabolic pathways run in opposite directions (Schink et al., 2022). 

Given their faster diffusion, an initially higher organic acid concentration in the mixed substrate 

treatment might have signalled the microbial cells to opt for gluconeogenesis as the primary pathway 

in their central C metabolism. Moreover, even as substrate availability changes, microbes cannot 

immediately switch between glycolytic (sugars) to gluconeogenic (organic acids) substrates, as this 

transition involves a lag phase (Basan et al., 2020). Furthermore, considering the notably lower 13C 

respiration rates when only sugars were released, our results collectively suggest that 

gluconeogenesis, rather than glycolysis, may have been the default pathway in the majority of soil 

microbes. This aligns with the typical soil metabolic landscape, as a significant fraction of SOM is 

microbial necromass (i.e., proteins, storage and membrane lipids), whose breakdown products are 

gluconeogenic rather than glycolytic substrates. 

4.3 Microbial incorporation of substrate-C into biomass 

Our data indicates that microbes took up released exudates. The highest 13C enrichment was 

found in the combined sugar and organic acid treatment in the meadow soil, which could be attributed 

to the higher release of substrate-C in mixed exudate soils (Fig. 3). Additionally, in forest soils, general 
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and gram-negative biomarkers showed significant 13C incorporation into PLFAs in the organic acid 

treatment, while sugars lead to a significant enrichment in NLFA biomarkers in the meadow soil. 

Overall, we observed only a relatively low 13C signal in PLFAs and NLFAs, which we attribute to our 

limitation of analysing soil only from beyond a >2.5 mm radius of the microdialysis membrane. 

Sampling soil from as close as possible to the membrane would yield clearer and more significant 13C 

enrichment pattern, as we have demonstrated before (Wiesenbauer et al., 2024). 

4.4 Organic acids input causes short-chain fatty acids production 

Upon assimilation, the substrates were directed towards different catabolic and anabolic 

processes, including the production of metabolites. Organic acids, with or without sugars, promoted 

microbial activity (as evident from 13C respiration measurements) and the production of short-chain 

fatty acids (SCFAs) such as butyrate, lactate, and propionate (Fig. 4). However, sugars alone did not 

induce metabolite production. 

It remains unclear whether the butyrate, propionate and lactate we observed in the organic acid 

treatments originated from the breakdown of these organic acids (succinate) or from the induced 

breakdown of soil organic matter. SCFAs are commonly produced in anoxic environments as 

intermediates of organic matter degradation through fermentation. However, they can also occur as 

byproducts of high substrate turnover in aerobic conditions (Wolfe, 2005). Notably, SCFAs themselves 

are a non-fermentable C source and require a terminal electron-acceptor, such as O2 in aerobic or NO3 

in anaerobic conditions, to be fully oxidized (Pavoncello et al., 2022). The anoxic sites conducive to 

fermentation may emerge at spots of high microbial activity, like (artificial) root exudation hotspots, 

where O2 consumption due to substrate degradation exceeds the O2 influx (Kreft et al., 2020). Indeed, 

it has been shown that O2 concentrations decreases during times of active root exudations in the 

rhizosphere of Vicia Faba (Garcia Arredondo et al., 2023) and after the release of glucose, acetic acid, 

and oxalic acid near an artificial root (Keiluweit et al., 2015). Under these O2-limited conditions, 

microbes perform shorter incomplete catabolic pathways such as fermentation, which support high 

growth rates due to higher ATP flux, despite their lower ATP yield compared to more yield-efficient 

pathways like aerobic respiration. This illustrates a trade-off between growth rate and yield (Kreft and 

Bonhoeffer, 2005; Wortel et al., 2018; Kreft et al., 2020).  

Here, we assume that an O2 depletion was caused by the respiration of added substrate 

(Wiesenbauer et al., 2024), specifically organic acids. While SOM decomposition prompted by 

substrate addition might have contributed to O2 consumption, no significant changes in SOM-derived 

respiration were observed (Fig. 1). However, localised increases in SOM-derived respiration may have 

gone undetected.  
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Anaerobic respiration is increasingly recognised as a fundamental trait to colonise the rhizosphere 

(Lecomte et al., 2018). Until now, research on anaerobic metabolic processes has focussed on aqueous 

environments and paddy soils, leaving the rhizosphere of forest and meadow soil notably 

understudied (Lecomte et al., 2018). We observed butyrate, lactate, and propionate production in 

response to organic acid addition in our artificial rhizosphere (Fig. 4). While direct comparisons with 

rhizosphere studies are lacking, research on anaerobic metabolism in other environments provides 

context. For instance, in rice paddy soils, butyrate and propionate are common intermediary products 

of organic material decomposition (Rui et al., 2009). Similarly, in the gut, butyrate and propionate are 

commonly metabolised from complex carbohydrates like plant cell wall polysaccharides (Koh et al., 

2016; Nogal et al., 2021), as well as from host-derived succinate by gut microbiota (Wei et al., 2023). 

In contrast to these environments, soils provide a wide array of alternative terminal electron acceptors 

in anaerobic conditions, such as NO3, SO2, or Fe (III), which would allow to feed intermediary 

fermentation products into anaerobic respiration (Keiluweit et al., 2017; Lecomte et al., 2018). One 

way to provide a more reliable evidence for anaerobic metabolism in the rhizosphere could be to 

monitor O2 levels simultaneously when simulating root exudation (Garcia Arredondo et al., 2023). 

4.5 Organic acid induced mobilization of cations 

The mobilization of K (only forest), Ca, and Mg concentrations in both soils (Fig. 5) could be a 

consequence of abiotic interactions between organic acids and soil minerals. Organic acids can 

dissolve minerals through acidification, chelation, and exchange reactions (Adeleke et al., 2017), 

thereby making nutrients available for plant uptake (Giehl and von Wirén, 2014). Acidolysis occurs 

when protons from organic acids lower the pH, inducing the release of cations like Fe, K and Mg (Uroz 

et al., 2009; Adeleke et al., 2017). Moreover, organic acids form complexes with cations and mineral 

surfaces/metals in a process called chelation (Uroz et al., 2009), thereby increasing the solubility of 

nutrients like Ca, Mg, Fe, and Al (Golubev et al., 2006; Xu and Gao, 2008). Additionally, organic acids 

can displace cations through ligand exchange (Oburger et al., 2009; Keiluweit et al., 2015). Although 

acetate is a relatively weak complexing agent, it possible that the protons it released mobilized cations 

such as K, Ca, Mg, and NH4 from clay minerals or organic matter via cation exchange reactions.  

As our findings demonstrate (Fig. 4), various bacteria and fungi produce and release organic acids 

similar to those produced by plant roots, which can fulfil the same function of solubilizing elements 

(Banfield et al., 1999; Jones et al., 2003; van Schöll et al., 2008; Adeleke et al., 2010; Uroz et al., 2011; 

R. A. Adeleke et al., 2012; R. Adeleke et al., 2012). Consequently, the observed increase in nutrient 

concentrations (K, Ca, Mg) in response to both added and microbially produced organic acids 

highlights their pivotal role in mobilizing mineral-associated nutrients in the rhizosphere.  
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While our study demonstrates the role of organic acids in mobilizing soil nutrients within acidic 

soil, it is important to consider the potential variability of these processes in soils with different pH 

levels. Most nutrients are not uniformly available across the pH spectrum (Barrow and Hartemink, 

2023). In low pH conditions, metal cations and protonated anions (e.g., Al³⁺, Mn²⁺, Fe²⁺) are more 

soluble, while higher pH favour carbonate or hydroxyl complexes. The desorption of cations shifts 

dramatically across a narrow pH range, with small pH decreases leading to greater desorption (Barrow 

and Hartemink, 2023). Moreover, in alkaline-calcareous soils where phosphorus availability is typically 

limited, plants release organic acids to mobilizing phosphorus (Qetrani et al., 2024). This highlights the 

importance of considering soil pH when evaluating the ecological roles of organic acids in different soil 

types. 

4.6 Implications of rhizosphere feedback on root exudation 

Root exudation of primary metabolites, such as sugars, organic acids and amino acids, is thought 

to occur through passive transport along electrochemical and concentration gradients between 

rhizodermal cells and the soil environment (Canarini et al., 2019). These gradients are affected by the 

rate at which compounds are removed by microbial activity or interaction with soil surfaces. Our 

findings suggest that while organic acids are quickly removed by both biotic and abiotic processes, 

sugars are not. However, if sugars are not readily metabolised by soil microbes, this impairs the plant’s 

ability to release photosynthates as sugars into the rhizosphere. Although it has been suggested that 

anions like organic acids tend to be released from roots more easily than sugars due to charge 

differences (Jones, 1998), our study is the first to demonstrate that soil microbes may contribute to 

this pattern by preferably taking up organic acids over sugars at root exudation hotspots. 

Traditional root exudation measurements have reported sugars as a significant proportion of total 

root exudates (Farrar et al., 2003; Badri and Vivanco, 2009). However, these measurements typically 

involve removing surrounding soil and sampling root exudates hydroponically to avoid the alteration 

of exuded compounds by the surrounding soil matrix and microbes (Kuijken et al., 2015; Oburger and 

Schmidt, 2016). This approach, however, also eliminates soil microbial feedback on diffusional 

exudation rates, which may result in an overestimation of sugar exudation rates. Our research 

suggests that the exudation of sugars by roots may be impeded by low microbial metabolism of sugars 

in the rhizosphere, emphasising the importance of biotic and abiotic rhizosphere feedback 

mechanisms in regulating root exudation rates. 
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5. Conclusion 

This study elucidates the distinct roles of sugars and organic acids in shaping microbial dynamics 

and soil chemistry within the rhizosphere at root exudation hotspots. Contrary to our initial 

hypothesis, our findings revealed a pronounced microbial preference for organic acids over sugars, 

indicating that organic acids are not merely agents for nutrient mobilization but also crucial substrates 

for microbial metabolism.  

Moreover, our results challenge the conventional understanding that sugars, due to their 

supposed bioavailability, would elicit stronger microbial responses. Instead, we discovered that sugars 

were minimally utilized by the microbial community, even in the absence of alternative substrates. 

Due to this negligible impact of sugars on microbial activity, the combination of sugars and organic 

acids did not result in the anticipated additive effects. This outcome suggests a complex interplay of 

microbial preference that is not solely dictated by substrate availability but perhaps also influenced 

by the metabolic cost-benefit strategies employed by soil microbes in different environmental 

contexts. 

Interestingly, the microbial and chemical response to these compound classes exhibited 

consistent patterns across different soil types, supporting our hypothesis that microbial responses are 

primarily driven by the nature of the exudates rather than the soil properties. This consistency across 

soil types emphasizes the fundamental roles of chemical composition of root exudates in shaping 

microbial ecology and biogeochemical cycles at the root-soil interface. 

These insights expand our knowledge of microbial utilization of root exudates, highlighting the 

integral role of organic acids in rhizosphere dynamics. By demonstrating that organic acids, rather 

than sugars, primarily drive microbial activity, this study deepens our understanding of nutrient cycling 

and microbial energy strategies at the root-soil interface. 
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Figure S1 These photographs illustrate our experimental setup. (A) Each mesocosm (cut of 50 ml 

falcon tube) held two small undisturbed soil cores (1 cm diameter, 3 cm height). The two microdialysis 

probes, one per soil core, were kept stable in the soil by attaching them to an aluminium strip on top 

of the falcon. The dialysate of the two soil cores per mesocosm were always pooled. (B) During 

microdialysis the mesocosms were kept in airtight jars fitted with a septum through which the 

microdialysis tubing was passed through. This allowed for simultaneous collection of dialysates in 

fraction collectors (in the background of picture A and B) and gas sampling with closed jar lid. (C) 

Between measurements the mesocosms were placed in plastic containers with lids, with a wet paper 

towel on the bottom to reduce drying at room temperature. They were aired at least once a day and 

the weight of the mesocosms was tracked and water added on top of cores to adjust for water loss. 
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Figure S2 The concentration (nmol C) of compounds released into (a) forest and (b) meadow soil, given 

for the first (solid colour, hours 4-6) and second half (dashed colour, hours 7-9) of the 6-hour long 

input pulse. Transferred compound concentrations are given for the artificial root exudates composed 

of either only sugars (blue), only organic acids (orange) or a mixture of sugars and organic acids (pink).  

All measures are means ± SE (n = 5). Asterisks indicate significant differences (Table 4, repeated 

measures ANOVA, paired Wilcoxon signed-rank test) in released C between first and second half of 

input pulse.  
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Figure S3 Compound concentration (µmol l-1) of organic acids (acetate, succinate) and sugars (glucose, 

fructose) that made up the perfusate (“artificial root exudate”). Concentrations were measured in 

dialysates collected from (a) forest and (b) meadow soils before, during and after a 6-hour long labile 

substrate pulse, highlighted with a grey background. It should be noted that the concentrations 

depicted during the pulse (grey background) are concentrations in dialysate. Which means that only 

the difference to the perfusate concentration (equivalent to 250 µM acetate, 125 µM succinate, 83.3 

µM glucose, 83.3 µM fructose: each 500 µmol C l-1) was transferred into soil. All measures are mean ± 

SE (n = 5). Asterisks indicate significant differences (Kruskal-Wallis test, * < 0.05, ** < 0.01, *** < 0.001) 

between soils that received an input of sugars (S: dark blue), organic acids (A: orange), a mixture of 

sugars and organic acids (M: pink) or control (C: light blue). Post hoc test results can be found in Table 

S3 (Dunn’s test). Each data point represents the mean concentration measured in dialysates collected 

over a 3-hour period, with the point plotted at the midpoint of this period. 
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Figure S4 The concentration (nmol C g-1 dw) of phospholipid fatty acids (PLFAs) in forest and meadow 

soils. The fatty acids were grouped into general fatty acids, fungi, Actinobacteria, gram-positive 

bacteria (excluding Actinobacteria), gram-negative bacteria. The fatty acid 16:1ω5 was left ungrouped, 

because it is known to be a biomarker specific for arbuscular mycorrhiza fungi in meadow soil, but not 

in forest soil. Letters indicate significant difference between the treatments (Kruskal-Wallis test, p < 

0.05, post-hoc test: Dunn’s test) that received only sugars (dark blue), only organic acids (orange), a 

mixture of sugars and organic acids (pink) and a control (light blue) that did not receive a labile 

substrate pulse (n = 5). 
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Figure S5 The 13C enrichment (at% 13C) of phospholipid fatty acids (PLFAs) in forest and meadow soils. 

The fatty acids were grouped into general fatty acids, fungi, Actinobacteria, gram-positive bacteria 

(excluding Actinobacteria), gram-negative bacteria. The fatty acid 16:1ω5 was left ungrouped, because 

it is known to be a biomarker specific for arbuscular mycorrhiza fungi in meadow soil, but not in forest 

soil. Letters indicate significant difference between the treatments (Kruskal-Wallis test, p < 0.05, post-

hoc test: Dunn’s test) that received only sugars (dark blue), only organic acids (orange), a mixture of 

sugars and organic acids (pink) and a control (light blue) that did not receive a labile substrate pulse 

(n = 5). 
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Figure S6 The concentration (nmol C g-1 dw) of neutral lipid fatty acids (NLFAs) in forest and meadow 

soils. The fatty acids were grouped into general fatty acids, fungi, Actinobacteria, gram-positive 

bacteria (excluding Actinobacteria), gram-negative bacteria. The fatty acid 16:1ω5 was left ungrouped, 

because it is known to be a biomarker specific for arbuscular mycorrhiza fungi in meadow soil, but not 

in forest soil. Letters indicate significant difference between the treatments (Kruskal-Wallis test, p < 

0.05, post-hoc test: Dunn’s test) that received only sugars (dark blue), only organic acids (orange), a 

mixture of sugars and organic acids (pink) and a control (light blue) that did not receive a labile 

substrate pulse (n = 5). 
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Figure S7 The 13C enrichment (at% 13C) of neutral lipid fatty acids (NLFAs) in forest and meadow soils. 

The fatty acids were grouped into general fatty acids, fungi, Actinobacteria, gram-positive bacteria 

(excluding Actinobacteria), gram-negative bacteria. The fatty acid 16:1ω5 was left ungrouped, because 

it is known to be a biomarker specific for arbuscular mycorrhiza fungi in meadow soil, but not in forest 

soil. Letters indicate significant difference between the treatments (Kruskal-Wallis test, p < 0.05, post-

hoc test: Dunn’s test) that received only sugars (dark blue), only organic acids (orange), a mixture of 

sugars and organic acids (pink) and a control (light blue) that did not receive a labile substrate pulse 

(n = 5). 
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Table S1 Kruskal-Wallis test statistics and Dunn’s post-hoc test results of substrate-derived respiration 

rates across treatments (Fig. 1). 

  Day Hour χ2 df p-value Dunn's post-hoc Asterisk 

(a) Forest 1 6.5 9.62 2 0.008 Sa Ab Mb ** 

 1 11 9.98 2 0.007 Sa Ab Mb ** 

 2 26 8.852 2 0.012 Sa Aab Mb * 

 6  9.757 2 0.008 Sa Aab Mb ** 

 18  9.471 2 0.009 Sa Ab Mb ** 

(b) Meadow        

  1 6.5 10.5 2 0.005 Sa Aab Mb ** 

 4  12.5 2 0.002 Sa Aab Mb ** 

 6  11.1 2 0.004 Sa Aab Mb ** 

  18   6.339 2 0.042 Sa Aa Mb * 

 

Only significant differences are presented. Superscript letters indicate significant differences between 

treatments as determined by Dunn’s post-hoc test following a Kruskal-Wallis test. These letters 

compare substrate-derived respiration rates among treatments that received sugars (S), organic acids 

(A), and sugars combined with organic acids (M) in (a) forest and (b) meadow soils. 
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Table S2 Kruskal-Wallis test statistics and Dunn’s post-hoc test results of compound concentrations across 

treatments (Fig. 4, Fig. 5). 

 Soil Compound Day Hour χ2 df p-value Dunn's post-hoc Asterisk 

(a) Forest Butyrate 1 7 9.980 3 0.019 Cab Sa Ab Mab * 

 Lactate 1 4 11.211 3 0.011 Ca Sa Ab Mab * 

 Lactate 1 7 18.634 3 0 Ca Sa Ab Mab *** 

 Lactate 18 432 7.922 3 0.048 Ca Sb Ab Ma * 

 Propionate 1 7 18.091 3 0 Ca Sa Ab Mb *** 

 Ammonium 1 7 16.867 3 0.001 Cac Sa Abc Mb *** 

 Ammonium 6 144 10.989 3 0.012 Ca Sa Ab Mb * 

 Potassium 1 1 10.520 3 0.015 Ca Sb Aab Mab * 

 Potassium 1 7 15.127 3 0.002 Ca Sa Ab Mb ** 

 Magnesium 1 1 8.897 3 0.031 Cab Sa Ab Mab * 

 Magnesium 1 7 15.693 3 0.001 Ca Sa Ab Mb *** 

 Calcium 1 1 8.520 3 0.036 Cab Sa Aab Mb * 

 Calcium 1 7 8.708 3 0.033 Ca Sab Aab Mb * 

 Calcium 2 40 11.957 3 0.008 Ca Sa Aa Mb ** 

         
(b) Meadow Butyrate 1 7 15.383 3 0.002 Ca Sa Ab Mab ** 

 Lactate 1 7 17.530 3 0.001 Ca Sa Ab Mab *** 

 Propionate 1 7 17.417 3 0.001 Ca Sa Ab Mb *** 

 Ammonium 1 1 13.491 3 0.004 Ca Sab Ab Mb ** 

 Ammonium 1 7 10.327 3 0.016 Ca Sa Ab Mab * 

 Magnesium 1 1 11.744 3 0.008 Ca Sab Aab Mb ** 

 Magnesium 1 7 17.250 3 0.001 Ca Sa Ab Mb *** 

 Magnesium 1 19 10.611 3 0.014 Ca Sb Aab Mab * 

  Calcium 1 7 8.828 3 0.032 Ca Sab Ab Mab * 

 

Only significant differences are presented. Superscript letters indicate significant differences between 

treatments as determined by Dunn’s post-hoc test following a Kruskal-Wallis test. These letters compare 

compound concentrations among treatments that received sugars (S), organic acids (A), and sugars combined 

with organic acids (M) in (a) forest and (b) meadow soils. 
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Table S3 Kruskal-Wallis test statistics and Dunn’s post-hoc test results of compound concentrations present in 

perfusate across treatments (Fig. S3). 

Soil Compound Day Hour χ2 df p-value Dunn's post-hoc Asterisk 

(a) Forest Acetate 1 4 14.358 3 0.002 Ca Sa Ab Mab ** 

 Acetate 1 7 17.637 3 0.001 Ca Sa Ab Mb *** 

 Succinate 1 4 15.664 3 0.001 Ca Sac Ab Mbc *** 

 Succinate 1 7 17.514 3 0.001 Ca Sa Ab Mb *** 

 Glucose 1 4 15.136 3 0.002 Ca Sb Aac Mbc ** 

 Glucose 1 7 19.025 3 0 Ca Sb Aac Mbc *** 

 Fructose 1 4 14.533 3 0.002 Ca Sb Aa Mb ** 

 Fructose 1 7 19.007 3 0 Ca Sb Aa Mb *** 

 Fructose 5 120 9.113 3 0.028 Ca Sb Ab Mab *** 

         

(b) Meadow Acetate 1 7 18.519 3 0 Ca Sac Abc Mb *** 

 Acetate 1 10 12.861 3 0.005 Cab Sa Ab Mb ** 

 Succinate 1 4 14.508 3 0.002 Ca Sac Ab Mbc ** 

 Succinate 1 7 18.370 3 0 Ca Sac Abc Mb *** 

 Succinate 1 10 19.761 3 0 Ca Sa Ab Mb *** 

 Glucose 1 4 12.292 3 0.006 Ca Sb Aab Mb ** 

 Glucose 1 7 19.966 3 0 Ca Sb Aac Mbc *** 

 Glucose 1 10 19.217 3 0 Ca Sb Aa Mb *** 

 Fructose 1 4 11.586 3 0.009 Ca Sb Aab Mb ** 

 Fructose 1 7 18.452 3 0 Ca Sb Aa Mb *** 

 Fructose 1 10 19.354 3 0 Ca Sb Aa Mb *** 

  Fructose 4 96 8.916 3 0.03 Ca Sab Ab Mab * 

 

Only significant differences are presented. Superscript letters indicate significant differences between 

treatments as determined by Dunn’s post-hoc test following a Kruskal-Wallis test. These letters compare 

compound concentrations among treatments that received sugars (S), organic acids (A), and sugars combined 

with organic acids (M) in (a) forest and (b) meadow soils. 
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Table S4 Results of statistical tests evaluating significant differences in compound concentrations (nmol C) released into soils between the first half (hours 4–

6) and the second half (hours 7–9) of the labile substrate pulse. (Fig. S2).  

Soil Compound Treatment p-value Statistic df Asterisk Test 

(a) Forest Acetate Organic acids 0.046 8.138 1 * repeated measures ANOVA 

 Acetate Mixed 0.625 5  n.s paired Wilcoxon signed-rank test 

 Succinate Organic acids 0.255 1.766 1 n.s repeated measures ANOVA 

 Succinate Mixed 0.125 14  n.s paired Wilcoxon signed-rank test 

 Glucose Sugars 0 147.608 1 *** repeated measures ANOVA 

 Glucose Mixed 0.003 43.392 1 ** repeated measures ANOVA 

 Fructose Sugars 0.053 7.442 1 n.s repeated measures ANOVA 

 Fructose Mixed 0.188 13  n.s paired Wilcoxon signed-rank test 

        
(b) Meadow Acetate Organic acids 0.812 9   n.s paired Wilcoxon signed-rank test 

 Acetate Mixed 0.812 9  n.s paired Wilcoxon signed-rank test 

 Succinate Organic acids 0.598 0.326 1 n.s repeated measures ANOVA 

 Succinate Mixed 0.033 10.281 1 * repeated measures ANOVA 

 Glucose Sugars 0.007 25.361 1 ** repeated measures ANOVA 

 Glucose Mixed 0.062 15  n.s paired Wilcoxon signed-rank test 

 Fructose Sugars 0.03 10.787 1 * repeated measures ANOVA 

  Fructose Mixed 0.312 12   n.s paired Wilcoxon signed-rank test 

 

The statistical comparisons were conducted using repeated measures ANOVA or paired Wilcoxon signed-rank tests, as appropriate. Significant differences are 

marked with asterisks in Figure S2.  
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Methods S1 Analysis of microbial biomass C and N 

We analysed microbial biomass C by chloroform fumigation-extractions (Vance et al., 1987). Soils (2 g) 

were fumigated over chloroform for 24 h, and subsequently fumigated and non-fumigated soils were 

extracted with 15 ml KCl (1 M) for 30 min before filtering through ash-free cellulose filters (Whatman). 

KCl-extracts were measured with TOC/TN analyser (TOC-VCPH/TMN-1, Shimadzu, Japan), and 

microbial biomass C and N were calculated as the difference in dissolved organic carbon (DOC) and 

total nitrogen (TN) between fumigated non-fumigated soils. Two outlier values were removed from 

forest microbial biomass carbon. We used a conversion factor for microbial biomass C and N of 0.45 

to take into account incomplete extraction (Joergensen, 1996). In forest soils, two outliers had to be 

removed from the microbial biomass C and C:N ratio. 

Methods S2 High-performance liquid chromatography to measure sugars 

We measured sugars in the dialysates using HPLC (Dionex ICS 5000+, Thermo Fisher, Germany). Sugars 

(glucose, fructose, galactose, sucrose) were measured on a Thermo CarboPac PA20 (0.4 x 150 mm) 

column with a Thermo CarboPac PA20G (0.4 x 35 mm) guard column at a constant flow rate of 8 µl 

min-1 with a KOH solvent. The run was 25 min long, starting at 8 mM for 12 min, then increasing to 200 

mM over 5 min. We kept the concentration at 200 mM for 1 minute, then lowered the concentration 

to 8 mM over 1 minute, keeping the concentration at 8 mM for 5 min until the end of the 25-minute 

run. While the analytical setup for sugar measurements was capable of detecting fructose, galactose, 

glucose, and sucrose, only glucose and fructose were present in our samples. 

Methods S3 High-performance liquid chromatography to measure anions 

We measured organic and inorganic anions in the dialysates using HPLC (Dionex ICS 5000+, Thermo 

Fisher, Germany). We analysed acetate, butyrate, citrate, formate, lactate, malate, nitrate, oxalate, 

phosphate, propionate, succinate, and sulfate. The anions were measured on a Dionex IonPac AS11-

HC (2 x 250 mm) column with a Dionex IonPac AG11-HC (2 x 50 mm) guard column at a constant flow 

rate of 0.25 ml min-1 with a KOH solvent. The 45 min HPLC run started at 1 mM for 10 min, then 

increased to 15 mM for 14 min (until min 24), then increased to 60 mM for 9 min (until min 33), where 

we kept it for 5 min at 60 mM (until min 38). Afterwards we lowered concentrations to 1 mM and kept 

it there until the end of the 45-minute run. While the analytical setup for anion measurement was 

capable of detecting acetate, butyrate, formate, lactate, malate, oxalate, propionate, succinate, 

citrate, nitrate, phosphate, and sulfate, only butyrate, lactate, and propionate concentrations showed 

significant responses to the simulated exudation and are presented in the paper. 



 

94 
 

 

Methods S4 High-performance liquid chromatography to measure cations 

We measured cations in the dialysates using HPLC (Dionex ICS 5000+, Thermo Fisher, Germany). We 

analysed ammonium, potassium, magnesium, manganese, and calcium. The cations were measured 

on a Dionex IonPac CS16 (5 x 250 mm) column with a guard column at a constant flow rate of 1 ml min-

1 with methanesulfonic acid as solvent. The dialysates from the first day were run with a short method 

and the remaining dialysates were measured with a longer method. 

The shorter method was 35 minutes long, starting with 30 mM for 10 min, then increased to 60 mM 

over 5 min (until minute 15) at which concentration (60 mM) it remained for 10 min (until minute 25). 

Afterwards we decreased to 30 mM over 1 min (until min 26), at which concentration it remained until 

the end of the run at minute 35. 

The longer method was 47 minutes long, starting with 30 mM for 22 min, then increased to 60 mM 

over 5 min (until minute 27) at which concentration (60 mM) it remained for 10 min (until minute 37). 

Afterwards we decreased to 30 mM over 1 min (until min 38), at which concentration it remained until 

the end of the run at minute 47. While the analytical setup for cation measurement detected 

ammonium, potassium, magnesium, calcium, and manganese, though manganese levels could not be 

reliably quantified. 

Methods S5 Calculations of soil respiration rates and SOM- and substrate-derived respiration rates 

The following equations were adopted from the supplements from König et al. (2022). 

We used the following equations to calculate respiration rates and its 13C signature: 

𝐶𝑂2 𝑐𝑜𝑟𝑟𝑒𝑐𝑡𝑒𝑑 𝑡0 =
𝐶𝑂2 𝑠𝑎𝑚𝑝𝑙𝑒 × (𝑉𝑗𝑎𝑟 − 𝑉𝑠𝑎𝑚𝑝𝑙𝑒) + 𝐶𝑂2 𝑏𝑙𝑎𝑛𝑘 × 𝑉𝑗𝑎𝑟

𝑉𝑗𝑎𝑟
 

( 1 ) 

where CO2 corrected t0 is the CO2 concentration (ppm) at time 0, CO2 sample and CO2 blank refers to the 

measured CO2 concentration (ppm) in sample or blank, Vsample and Vjar refers to the volume of the 

sampled gas and the glass jar. 

𝐶𝑂13
2 𝑐𝑜𝑟𝑟𝑒𝑐𝑡𝑒𝑑 𝑡0 =

𝐶𝑂2 𝑠𝑎𝑚𝑝𝑙𝑒 × (
𝑎𝑡% 13𝐶𝑠𝑎𝑚𝑝𝑙𝑒

100
) × (𝑉𝑗𝑎𝑟 − 𝑉𝑠𝑎𝑚𝑝𝑙𝑒) + 𝐶𝑂2 𝑏𝑙𝑎𝑛𝑘 × (𝑎𝑡% 13𝐶𝑏𝑙𝑎𝑛𝑘

100
) × 𝑉𝑠𝑎𝑚𝑝𝑙𝑒

𝑉𝑗𝑎𝑟

 

( 2 ) 
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where 13CO2 corrected t0 is the calculated concentration of 13CO2 concentration (ppm) present in the jar 

after taking out sample t0 and replacement by the artificial air; at% 13Csample and at% 13Cblank refers to 

the relative 13C content (in at% 13C) in the measured gas sample t0 and the artificial air (blank). 

𝐶𝑂13
2 𝑠𝑎𝑚𝑝𝑙𝑒 𝑡1 = 𝐶𝑂2 𝑠𝑎𝑚𝑝𝑙𝑒 𝑡1 ×

𝑎𝑡% 13𝐶𝑠𝑎𝑚𝑝𝑙𝑒 𝑡1

100
 

( 3 ) 

where 13CO2 sample t1 is the relative concentration of 13C-CO2 (ppm) in sample t1, CO2 sample t1 is the 

concentration of CO2 at t1 (1 hour after t0). 

𝐶𝑂2 𝑖𝑛𝑐𝑟𝑒𝑎𝑠𝑒 = 𝐶𝑂2 𝑠𝑎𝑚𝑝𝑙𝑒 𝑡1 − 𝐶𝑂2 𝑐𝑜𝑟𝑟𝑒𝑐𝑡𝑒𝑑 𝑡0 

( 4 ) 

𝐶𝑂13
2 𝑖𝑛𝑐𝑟𝑒𝑎𝑠𝑒 = 𝐶𝑂13

2 𝑠𝑎𝑚𝑝𝑙𝑒 𝑡1 − 𝐶𝑂13
2 𝑠𝑎𝑚𝑝𝑙𝑒 𝑡0 

( 5 ) 

where CO2 increase and 13CO2 increase stand for the increase in total CO2 and 13CO2 (ppm), respectively, 

during the incubation time of 1 hour. 

𝑅𝑒𝑠𝑝𝑖𝑟𝑎𝑡𝑖𝑜𝑛𝑠𝑎𝑚𝑝𝑙𝑒 = (

𝐶𝑂2 𝑖𝑛𝑐𝑟𝑒𝑎𝑠𝑒
106 × 𝑉𝑗𝑎𝑟

𝑀𝑜𝑙. 𝑉𝑜𝑙𝑢𝑚𝑒 𝐶𝑂2
× 1000) 𝑔𝐷𝑊⁄  

( 6 ) 

where Respirationsample refers to the total respiration rate in the samples that received labelled 

substrates (treatment) or those which did not (control), expressed in nmol CO2 h-1 g-1 dry soil. 

Mol.Volume CO2 represents the molecular volume of CO2 at normal atmospheric pressure and room 

temperature (24.465 × 10-3 ml μmol-1). 

𝑎𝑡% 13𝐶𝑟𝑒𝑠𝑝𝑖𝑟𝑎𝑡𝑖𝑜𝑛 =
𝐶13 𝑂2 𝑖𝑛𝑐𝑟𝑒𝑎𝑠𝑒

𝐶𝑂2 𝑖𝑛𝑐𝑟𝑒𝑎𝑠𝑒
× 100 

( 7 ) 

At% 13Crespiration represents the relative 13C content in respired CO2 after substrate addition (in at% 13C). 

𝐴𝑃𝐸 13𝐶𝑟𝑒𝑠𝑝𝑖𝑟𝑎𝑡𝑖𝑜𝑛 = 𝑎𝑡% 13𝐶𝑡𝑟𝑒𝑎𝑡𝑚𝑒𝑛𝑡 − 𝑎𝑡% 13𝐶𝑐𝑜𝑛𝑡𝑟𝑜𝑙 

( 8 ) 
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where at% 13Ctreatment and at% 13Ccontrol refer to the at% 13C of respired CO2 (as calculated with the 

previous formula) in the sample which received 13C-labelled substrate (treatment) and the 

corresponding one which did not (control). 

𝑆𝑢𝑏𝑠𝑡𝑟𝑎𝑡𝑒 𝑅𝑒𝑠𝑝𝑖𝑟𝑎𝑡𝑖𝑜𝑛 =
𝐴𝑃𝐸 13𝐶𝑟𝑒𝑠𝑝𝑖𝑟𝑎𝑡𝑖𝑜𝑛

𝐴𝑃𝐸 13𝐶𝑠𝑢𝑏𝑠𝑡𝑟𝑎𝑡𝑒
× 𝑅𝑒𝑠𝑝𝑖𝑟𝑎𝑡𝑖𝑜𝑛𝑡𝑟𝑒𝑎𝑡𝑚𝑒𝑛𝑡 

( 9 ) 

where Substrate Respiration represents the CO2 production from the added substrate in nmol CO2 h-1 

g-1 dry soil. APE 13C substrate stands for the 13C enrichment of used substrate. 

𝑆𝑂𝑀 𝑅𝑒𝑠𝑝𝑖𝑟𝑎𝑡𝑖𝑜𝑛𝑡𝑟𝑒𝑎𝑡𝑚𝑒𝑛𝑡 = 𝑅𝑒𝑠𝑝𝑖𝑟𝑎𝑡𝑖𝑜𝑛𝑡𝑟𝑒𝑎𝑡𝑚𝑒𝑛𝑡 − 𝑆𝑢𝑏𝑠𝑡𝑟𝑎𝑡𝑒 𝑅𝑒𝑠𝑝𝑖𝑟𝑎𝑡𝑖𝑜𝑛 

( 10 ) 

where SOM Respiration represents soil organic matter (SOM) derived respiration in nmol CO2 h-1 g-1 

dry soil. 

Methods S6 Phospholipid and neutral lipid extraction and analysis 

The lipids in the lyophilized “outer” soils (approx. 1 g dry weight soil) were extracted with a monophasic 

mixture of chloroform, methanol and citrate buffer (pH = 4) in a 1:2:0.8 volume ratio (Bligh and Dyer, 

1959; Frostegård et al., 1991). After phase separation with addition of chloroform and citrate buffer, 

the lower phase containing the total lipids was collected. These were consequently fractionated with 

silica solid phase extraction columns ( Phenomenex, Strata SI-1 Silica, 55 μm, 70 A) by eluting 

consecutively with a chloroform-ethanol mix (v:v = 98:2; Gorka et al., 2023) yielding neutral lipids, pure 

acetone, and a chloroform-methanol-water mix (v:v:v = 5:5:1; Buyer & Sasser, 2012) yielding 

phospholipids. Phospho- and neutral lipids were derivatized to fatty acid methyl esters by mild alkaline 

methanolysis. The resulting PLFAs and NLFAs were analysed on a gas chromatograph (Trace GC Ultra, 

Thermo Scientific, Germany) coupled to a mass spectrometer (ISQ, Thermo Scientific, Germany) for 

fatty acid identification and quantification, and on a GC-Ultra (Thermo Fisher Scientific, Milan, Italy) 

coupled to an isotope ratio mass spectrometer (IRMS; Finnigan Delta-V, Thermo Fisher Scientific, 

Bremen, Germany) via a GC IsoLink (Thermo Fisher Scientific, Bremen, Germany) for determination of 

isotopic 13C/12C ratios. We used nonadecanoic acid (FAME 19:0) as an internal standard for 

quantification, and bacterial and fungal fatty acid methyl esters (BAME CP mix, Supelco; 37 Component 

FAME mix, Supelco) as qualitative external standards. Fatty acids with ≥20 carbon atoms and 

unidentified fatty acids were removed from the data.  
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Fatty acids were classified based on their taxonomic specificity into general microbial biomass (10:0, 

14:0, 15:0, 16:0, 17:0, 18:0), fungi (18:1ω9c, 18:1ω9t, 18:2ω6,9, 18:3ω6,9,12), Actinobacteria 

(10Me17:0, 10Me18:0), gram-positive bacteria (i14:0, a15:0, i15:0, 16:0Me, i16:0, 17:0Me, a17:0, 

cy17:0, i17:0, i18:0), and gram-negative bacteria (14:1ω5, 15:1ω5, 15:1ω5c, 2OH 16:0, i16:1ω6, 

16:1ω7, 16:1ω9, 16:2ω6,9, 17:1ω7, 17:1ω8, 18:1ω5, 18:1ω7, cy19:0, 19:1ω9)(Willers et al., 2015). The 

fatty acid 16:1ω5 was analysed separately as it is found in high abundances in spores of arbuscular-

mycorrhizal fungi (particularly NLFAs) which we expected to be abundant in the meadow soil, but can 

also be found in gram-negative bacteria (Lekberg et al., 2022; Olsson and Lekberg, 2022). 
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Abstract 

Understanding assimilation of root exudates by soil microorganisms is crucial for advancing our 

knowledge of carbon (C) and nutrient cycling in the rhizosphere. However, studying such interactions 

on the microbial scale poses significant challenges due to the complex soil matrix and transient nature 

of root exudation. This necessitates innovative approaches that can accurately simulate and observe 

these intricate biological processes in undisturbed soil systems. Our study introduces an integrated 

approach that combines stable isotope probing with high-resolution imaging techniques. We 

simulated root exudation of 13C-labelled substrates using reverse microdialysis to minimize disturbance 

to the soil structure. We employed confocal laser scanning microscopy (CLSM) to visualize the spatial 

distribution of fluorescently labelled microbial cells and scanning electron microscopy (SEM) to provide 

detailed structural context of these areas. Nanoscale secondary ion mass spectrometry (NanoSIMS) 

was used to map the distribution of isotopic signature (13C) alongside elements associated with organic 

compounds (C, N) and mineral particles (Si, Al). By integrating these techniques, we were able to 

correlate data on soil structure and microbial distribution with chemical signatures and to investigate 

the microbial assimilation of 13C-labelled substrate close to the artificial root. We observed that some, 

but not all, of the microbial cells had assimilated substrate-derived 13C, highlighting varied microbial 

response within the rhizosphere soil space. Our findings demonstrate the effectiveness of correlative 

approaches for elucidating the spatial dynamics of microbial activity and substrate utilization at the 

microscale. This approach lays the groundwork for more detailed investigations into the intricate 

microbial processes that influence rhizosphere dynamics.  

  



 

107 
 

1. Introduction 

Interactions between soil microbes and plant roots are central to carbon (C) and nutrient cycling 

in terrestrial ecosystems (Blagodatskaya and Kuzyakov, 2008; Dijkstra et al., 2021). Plant roots exude 

a diverse array of organic compounds into the soil (Jones et al., 2009; Canarini et al., 2019), which serve 

as substrate for microbial communities, promoting increased microbial activity and stimulating 

nutrient mobilization (Blagodatskaya and Kuzyakov, 2008; Dijkstra et al., 2021). These exudates not 

only shape microbial communities (Haichar et al., 2008; Zhalnina et al., 2018) but also influence soil 

chemistry, e.g., by changing the pH (Hinsinger et al., 2003), and mobilizing nutrients like phosphorus 

or mineral-associated organic compounds (Khorassani et al., 2011; Keiluweit et al., 2015; Jilling et al., 

2021). In turn, the microbial communities modify their soil environment through their activity and 

metabolism (Philippot et al., 2023), driving processes that releases C and other essential elements 

(Uroz et al., 2009; Wiesenbauer et al., 2024b, submitted). Additionally, root exudates and microbial 

products, such as mucilage and extracellular polymeric substances (EPS), respectively, affect soil 

hydrology (Benard et al., 2019) and are considered potential contributors of aggregate formation 

(Lehmann et al., 2017; Costa et al., 2018). Collectively, these biotic and abiotic processes determine 

nutrient availability for plants and microbes in the rhizosphere. However, studying these complex 

exudate-microbe-soil interactions in their natural spatial context poses significant challenges, as the 

intricate soil matrix and the dynamic nature of root exudation demand methods, which can accurately 

simulate and observe these biological processes at the microscale. 

The complexity of the rhizosphere, with its opaque soil matrix and delicate microbial interactions, 

poses substantial challenges for direct observation and accurate simulation of microbial processes 

(Oburger and Schmidt, 2016; Védère et al., 2022). Microdialysis has emerged as a minimally invasive 

method to simulate passive root exudation and to study the microbial processes (e.g.: respiration, 

metabolite production) brought about at the exudation site at high temporal resolution (König et al., 

2022; Wiesenbauer et al., 2024a, 2024b). Microdialysis membranes are inserted into the soil, and 

isotopically labelled substrates are released through diffusion, while simultaneously collect 

compounds from the soil solution (König et al., 2022). The simulation of root exudation through reverse 

microdialysis closely mimics natural interactions between microbes and root exudates, offering a more 

accurate reflection of in-situ dynamics. While these studies provided insights on microbial responses 

to artificial root exudation over time, they can’t elucidate the spatial microscale context in which they 

happen.  

Traditional methods for studying microbial activity in the rhizosphere, such as bulk soil sampling 

or the use of invasive instruments, often disrupt the soil matrix and fail to capture the complex 
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interplay of physical, chemical, and biological factors that characterize microbial dynamics at the 

microscale. These methods struggle to capture the spatial heterogeneity and functional diversity in 

undisturbed soil environments, overlooking the individual contributions of microorganisms and their 

localized interactions within the rhizosphere (Oburger and Schmidt, 2016; Moran and McGrath, 2021). 

Particularly, they do not account for the ‘hot moments’ and ‘hotspots’ areas of intense microbial 

activity driven by the localized, high concentration of root-derived carbon compounds (Kuzyakov and 

Blagodatskaya, 2015). This spatial and temporal variability is critical for understanding how 

microorganisms contribute to carbon cycling and nutrient availability in the rhizosphere. 

Consequently, there is a need to develop innovative, minimally invasive approaches that can accurately 

map and quantify these dynamic microbial responses, elucidating the spatial patterns of microbial 

activity in response to root exudates within undisturbed soil systems. 

Various advanced imaging techniques can offer insight into the spatial aspect of microbial activity 

in the rhizosphere, each shedding light on different aspects of microbial interactions and 

environmental structure at micro to nano scales (Védère et al., 2022). For example, confocal laser 

scanning microscopy (CLSM) is used in identifying and localizing microbial cells and biomolecules using 

various fluorescent stains (Cardinale, 2014). On the other hand, scanning electron microscopy (SEM) 

provides high-resolution images of surface topography, offering detailed insights into soil 

microstructures and the presence of microorganisms (Witzgall et al., 2021). Furthermore, nanoscale 

secondary ion mass spectrometry (NanoSIMS) allows for detailed isotopic and elemental analysis at 

submicron scales, crucial for tracing nutrient and isotopes (e.g.: 13C, 15N) in microbial communities 

(Herrmann et al., 2007; Mueller et al., 2013). NanoSIMS in combination with stable isotope probing 

(SIP) can be used to gain insights into the microbial uptake and metabolism of nutrients linked to the 

spatial aspect (Musat et al., 2016). Moreover, many of these visualization techniques initially involve 

resin embedding of the soil after fixation of cells, to keep the soil structure intact, so that the spatial 

relationship of microbial populations and their micro-environment remains preserved. As each of 

these methods alone offers a unique but limited perspective, a holistic approach that integrates these 

techniques could provide significant advantages.  

Recent studies have used combinations of imaging techniques to advance our understanding of 

spatial relationships in the rhizosphere. For instance, Schlüter et al. (2019) employed a combination of 

X-ray microtomography with fluorescence microscopy, SEM and NanoSIMS to explore how the spatial 

distribution of bacteria around decaying organic matter, i.e. substrate availability, relates to pore 

architecture. Lippold et al. (2023) established a correlative imaging workflow using X-ray CT and 

chemical analysis (micro-X-ray fluorescence spectroscopy, NanoSIMS, laser-ablation isotope ratio mass 

spectrometry) to map chemical gradients around 3D root segments, employing 13C and 15N isotopes to 
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traces C and N dynamics in the rhizosphere. Bandara et al. (2021) developed a comprehensive 

approach to simultaneous identify microbes and analysing the chemical environment at micro- to 

nano-meter resolution. Their technique integrates resin embedding and sectioning with a suite of 

analytical tools, including helium ion microscopy (HIM), catalysed reporter deposition-fluorescence in 

situ hybridization (CARD-FISH), scanning electron microscopy with energy-dispersive X-ray analysis 

(SEM-EDX), time-of-flight secondary ion mass spectrometry (ToF-SIMS), NanoSIMS, and confocal 

Raman spectroscopy (μ-Raman). This allows for precise spatial mapping of bacteria and detailed 

chemical profiling within the soil structure.  

While these studies illustrate the potential of advanced imaging techniques to directly observe 

microbial processes at root exudation sites, none have integrated a minimally invasive method like 

reverse microdialysis to simulate root exudation. Reverse microdialysis allows precise control over 

both the quantity and composition of the substrate. By introducing stable isotope-labelled substrates 

and monitoring their assimilation by nearby microbial population using imaging techniques, this 

approach effectively bridges the gap between controlled laboratory experiments and the dynamic 

conditions of natural soil environments. 

Building on the need for refined methodologies to study soil and microbial dynamics, this study 

presents an integrative approach that combines CLSM’s ability to identify and localize microbial cells, 

SEM’s imaging of soil microstructures, and NanoSIMS’s precise elemental and isotopic analysis with 

stable isotope probing (SIP) to investigate the assimilation of artificial root exudates by the microbial 

communities in a spatial context in their native environment. Our primary objectives were to develop 

and test a methodological workflow which allows us to: (1) simulate root exudation in a minimally 

invasive manner using reverse microdialysis to best preserve the soil’s native structure, (2) utilize 

fluorescent microscopy to map the spatial distribution of fluorescence-stained microbial cells in resin-

embedded soil cores, (3) employ SEM, coupled with energy-dispersive X-ray spectroscopy (SEM-EDX), 

to analyse soil structure and elemental composition, and (4) apply NanoSIMS to precisely map the 

uptake of 13C-labeled substrates by microbial communities and the spatial distribution of soil organic 

matter (SOM) and minerals.  

This integrated approach provided a comprehensive view of microbial distribution relative to the 

soil structure and allowed for a precise localization and chemical characterization of microbial 

populations in their soil environment. The overlay of CLSM, SEM and NanoSIMS images emerged as a 

powerful means of linking structural information (fluorescence microscopy, SEM) with functional and 

isotopic data (NanoSIMS). This enabled the identification and characterization of microbial cells 

involved in substrate assimilation near the exudation sites, as well as the mapping of organic 

compounds (C, N) and mineral particles (e.g.: Si, Fe, Al). We observed that not all microbial populations 
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assimilated the 13C-labelled substrate, but those that did were closely associated with microbial 

hotspots. These results highlight the nuanced dynamics of microbial activity and substrate utilization 

at the microscale in the rhizosphere. We believe this approach will prove to be a powerful tool to 

explore the spatial dynamics of soil nutrients and their assimilation by soil microbes, thus providing a 

more holistic view of microbial interactions within their native habitat. 

2. Material & Methods 

2.1 Collection of undisturbed soil cores 

We collected undisturbed soil cores from an extensively managed meadow (Gumpenstein, Austria, 

47° 29’ N, 14° 06’ E, 732 m asl.) on 11th July, 2019. The soil was a Cambisol with loamy sand texture 

(44.2% sand, 47.6% silt, 8.3% clay)(Reinthaler et al., 2021). After removing the above-ground biomass 

and the litter layer, we used large corers (10 cm diameter, 6 cm height) to take soil cores from five 

distinct locations within the meadow and transported them to the laboratory. 

To determine gravimetric water content, we cored two small soil cores (1 cm diameter, 3 cm 

height) from each of the large cores. The soil from the two small cores was combined, and stones, 

roots and organic material were removed with tweezers. The soils were then dried overnight in a 

drying oven to determine the water content by comparing weights before and after the drying. The 

initial gravimetric water content was 19%. Over the following three days, the water content in the large 

soil cores was adjusted to 30% by pipetting autoclaved tap water onto their surfaces, ensuring optimal 

conditions to simulate root exudation using reverse microdialysis. The large soil cores were kept at 

field temperatures (12 °C) in an incubator. 

2.2 Simulation of 13C-labelled root exudation by reverse microdialysis 

The samples for this study were specifically designed to investigate the spatial dynamics within the 

rhizosphere at the microscale. They were collected at the end of an experiment which mimicked 

passive root exudation (Wiesenbauer et al., 2024b, submitted). It involved releasing a 6-hour pulse of 

13C-labelled sugars and amino acids into undisturbed soil using reverse microdialysis. Subsequently, 

temporal dynamics of soil metabolites were monitored by collecting metabolites from the soil solution 

over an 18-day time period following the pulse release. The experimental setup is described in detail 

in Wiesenbauer et al. (2024b, submitted). Briefly, after adjusting the water content of the large soil 

cores to 30%, we cored eight smaller soil cores from each of the five large soil cores using stainless 

steel cylindrical corers (1 cm diameter, 3 cm height). The small soil cores were kept in their stainless-
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steel corers to ensure minimal disturbance to soil structure. Always two small soil cores were paired 

and  

 

 

 

Figure 1. Overview of sample preparation and experimental setup for simulating root exudation in 

undisturbed soil cores. (A) Customised mesocosm setup assembled by modifying a 50 ml Falcon tube 

to hold two small soil cores (1 cm diameter, 3 cm height), each fitted with a microdialysis membrane 

secured to an aluminium strip with rubber bands to minimize soil disturbance. (B) Eighteen days after 

the simulated root exudation, soil cores were harvested. Microdialysis probes were carefully cut off, 

leaving the membranes in place to preserve soil structure. (C) The harvested soil cores were wrapped 

in gauze, which was secured with colour-coded cable ties for easy identification during sample 

preparation. (D) Gauze-wrapped cores were then embedded in epoxy resin in moulds. (E) After resin 

curing, cores were freed from moulds and a 5 mm disc was cut out carefully centering at the height of 

the microdialysis membrane. (F) The discs were polished to a surface finish of 1 µm for detailed imaging 

analyses. 

  



 

112 
 

placed in a customised setup, referred to as ‘mesocosm’. These mesocosms consisted of 50 ml Falcon 

tubes, turned on their lid and cut off at 4 cm height, with Styrofoam placed into the lid to securely hold 

a pair of small soil cores within their stainless-steel corers (Fig. 1a). Into the centre of each core one 

microdialysis probe (CMA 20, CMA Microdialysis AB, Kista, Sweden) with a membrane length of 10 mm 

and a molecular weight cut-off of 20 kDa was inserted. To minimize the disturbance to the soil 

structure, the microdialysis probes were held in place by securing them to an aluminium strip with 

rubber bands (Fig. 1a). While each of the pairs of small soil cores was initially viewed as a single 

analytical unit for the purpose of the experiment, only one core of each pair was later embedded in 

resin. 

We simulated a 6-hour long root exudation pulse by releasing an artificial root exudate composed 

of a mixture of glucose, fructose, acetate, succinate into the soil using reverse microdialysis 

(Wiesenbauer et al., 2024a). Each of the four compounds was uniformly labelled with 99 atom% 13C 

(Sigma-Aldrich) and dissolved in MilliQ water, at a concentration of 500 µmol C l-1 per compound, 

totalling 2000 µmol C l-1. The microdialysis probes were connected to syringe pumps (CMA 4004, CMA 

Microdialysis AB, Solna, Sweden) set to a flow rate of 2.5 µl min-1 per membrane.  

The mesocosms were infused for 6 hours with either the 13C-labelled artificial root exudate or with 

MilliQ water for control mesocosms. The 13C-labelled substrate was released outside the permeable 

membrane through passive diffusion. During the 6-hour exudation pulse, 656 ± 207 nmol C (mean ± 

standard deviation) were released, of which 72.6% of nmol C were from organic acids and only 27.4% 

were from sugars (Wiesenbauer et al., 2024b, submitted). Since substrate release rates rely on 

diffusion gradients, there is a direct feedback between their removal from around the microdialysis 

membrane and the rates at which substrates are released. This suggests that the notably higher release 

of organic acids can be attributed to stronger removal forces in the vicinity of the microdialysis 

membrane, likely due to microbial uptake (Wiesenbauer et al., 2024b, submitted). The microdialysis 

probes remained in place throughout the 18-day experiment. 

On day 18, at the conclusion of the experiment, the small soil cores were harvested, one of each 

pair was used to measure phospholipid fatty acids (PLFAs) and neutral lipid fatty acids (NLFAs) 

(Wiesenbauer et al., 2024b, submitted), while the other one was embedded in resin for imaging 

analysis. To maintain the integrity of the soil structure for the ‘imaging’ core, the microdialysis probes 

were carefully cut off, leaving the membranes inserted in the soil (Fig. 1b). The soil cores were then 

wrapped in gauze and secured with colour-coded cable ties for easy identification during subsequently 

resin embedding (Fig. 1c). 
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2.3 Fixation, dehydration and resin impregnation of soil cores 

We chemically fixed the soil cores with 1% paraformaldehyde in autoclaved 1 x phosphate-

buffered saline (PBS) for 48 hours at 4 °C: For this, we placed the gauze-wrapped soil cores upright in 

glass jars equipped with a spacer (metal grid on cryovial lids) at the bottom, ensuring that soil cores 

receiving the 13C-labelled substrate and control soil cores were always kept in separate jars. The upright 

positioning of the soil cores was maintained throughout all processes (fixation, dehydration and resin 

impregnation) to ensure uniform treatment and effective drainage. We added the 1% 

paraformaldehyde solution to the jars in three increments until the cores were fully submerged. 

Between each addition, we allowed a 10-minute waiting period at 4 °C to ensure gradual saturation 

from the bottom, allowing air to escape from the soil cores. Finally, we closed the jars and kept them 

at 4 °C for 48 hours for fixation. 

After 48 hours, we washed the soil cores with 1 × PBS: We first carefully removed the 1% 

paraformaldehyde solution from the jars to ensure its safe and correct disposal. Then, we placed the 

cores on paper towels to drain excess liquid. Once drained, the cores were returned to the emptied 

jars. We added 1× PBS in two increments until the cores were submerged, waiting 10 minutes after 

each addition. For the final step in the washing process, we removed the PBS and drained the cores on 

paper towels. We repeated this washing steps twice, for a total of three washes. Subsequently, we 

stored the soil cores in 3:2 EtOH:PBS (v:v) at -20 °C until further processing (19 days). 

We performed a gradual acetone series to dehydrate the samples (50%, 70%, 90%, 3× 100%): We 

removed the EtOH-PBS solution and placed the cores on paper towels to drain excess liquid. We placed 

the cores in new glass jars fitted with a spacer at the bottom. We added 50% acetone in 3 increments 

until the cores were fully submerged, allowing a 10-minute pause between each addition to ensure 

gradual saturation. After the cores were submerged for 30 minutes, we emptied the 50% acetone and 

allowed the cores to drain excess liquid on paper towels. Once drained, the cores returned to the 

empty jars, and we continued the dehydration series with the next higher acetone concentration. We 

repeated the dehydration in 100% acetone three times, using a freshly opened acetone bottle and new 

glass jars that had not been in contact with water. After the final 100% acetone submersion, the cores 

were stored in 100% acetone overnight. 

We impregnated the soil cores in a series of Araldite 502 resin and acetone mixtures, starting with 

a 1:3 ratio (v:v) and progressing to a 1:1 ratio, finishing with pure Araldite 502 epoxy resin: The Araldite 

502 epoxy resin was prepared from three components, the resin Araldite 502 (Polyscience), the 

hardener Dodecenylsuccinylanhydrid (DDSA, Polyscience) and the accelerator N,N-

Benzyldimethylamin (BDMA, Polyscience) at a ratio of 1:0.9231:0.05385 (Araldite 502:DDSA:BDMA). 
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On the first day, we prepared a 1:3 (v:v) Araldite 502:acetone mixture, using only the Araldite 502 resin 

and DDSA components (1:0.9231, Araldite 502:DDSA), specifically omitting the BDMA accelerator to 

prevent premature curing of the resin. First, we removed the acetone from the jars, placed the cores 

on paper towel to drain excess liquid, and then transferred them to new jars fitted with spacers at the 

bottom. We gradually saturated the cores with a 1:3 Araldite 502:acetone solution from the bottom in 

three increments until fully submerged, each addition followed by a 20-minute waiting period to allow 

air to escape from small soil pores and ensure full saturation with the mixture. We then incubated 

them at room temperature overnight.  

On the second day, we removed the 1:3 Araldite 502:acetone solution and drained the excess 

solution from the cores by placing them on paper towels for several minutes. We prepared a 1:1 (v:v) 

Araldite 502:acetone solution, including BDMA accelerator with the resin components 

(1:0.9231:0.05385, Araldite 502:DDSA:BDMA). We placed the soil cores in jars and added Araldite 

502:acetone (1:1) solution in three increments until fully submerged, waiting 20 min between each 

addition. To aid the penetration of the more viscous resin mixture into the smallest soil pores, we 

placed the jars in a desiccator and applied a gentle vacuum using a water pump. We monitored the 

vacuum level by placing a beaker containing acetone and boiling chips inside the desiccator. Boiling 

chips are small porous stones that promote steady boiling and prevent superheating by providing 

nucleation sites for bubble formation. This setup allowed us to visually check that the vacuum 

remained below the boiling point of acetone (no bubble formation on boiling chips), thus preventing 

any undesired boiling. After the vacuum was set, the desiccator was sealed, and the cores were left to 

incubate overnight.  

On the third day, we prepared pure Araldite 502 resin (1:0.9231:0.05385, Araldite 

502:DDSA:BDMA). We removed the 1:1 Araldite 502:acetone mixture and placed the soil cores on 

paper towels for several minutes to drain excess resin. The final moulds used for resin impregnation 

were 20 ml scintillation tubes (Fisher), modified by cutting off the bottleneck to create a 4.5 cm tall 

mould with 2.3 cm diameter opening. We positioned soil cores upright within their moulds, 

surrounded by glass beads to prevent tension-induced cracks during curing (Fig. 1d). We gradually 

added pure Araldite 502 resin to slowly saturate the soil cores from the bottom. Once submerged, the 

moulds were placed in a desiccator, and we applied a vacuum using a water pump, after which the 

desiccators were sealed to maintain the vacuum. The cores were incubated under these conditions for 

3 days at room temperature, with the vacuum reapplied daily. After 3 days, the samples were cured at 

65 °C for 5 days. 
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Figure 2. Comprehensive overview image of soil core cross-section with a microdialysis membrane 

at the centre. The figure presents a stitched overview image of the soil core’s surface that received 

labile substrate, captured at 20× magnification using transmitted light – bright field (TL-BF) with a laser 

microdissection microscope (Leica LMD 7000, Germany). The zoomed-in section (top left corner) 

displays the microdialysis membrane. We used a laser to engrave markings onto the microdialysis 

membrane (0.5 mm diameter), facilitating navigation of the disc during subsequent microscopy 

analyses. Symbols include a circle to denote ‘south’, a square for ‘west’, and two parallel lines for ‘east’. 

The green square indicates the area of CLSM image (Fig. 4) chosen for NanoSIMS analysis. 
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2.4 Cutting and polishing of discs 

We cut a 5 mm slice from each resin-embedded soil core at a height of 1.5-2 cm from the bottom 

(Fig. 1e), which corresponds to the position of the microdialysis membrane within the cores (Discoplan-

TS, Struers; PetroThin Thin Sectioning System, Buehler). The resulting discs, each with a diameter of 

2.3 cm, were too small for the 1-inch (2.54 cm) holder required for NanoSIMS analysis. To 

accommodate this, we placed the discs in 1-inch diameter round moulds and filled the surrounding 

gap with additional Araldite 502 resin. If large non-resin filled soil pores were uncovered during cutting, 

we filled them with resin to ensure the structural integrity of the discs during polishing. Afterwards, 

the discs were cured at 65 °C for 24 hours. Finally, the 1-inch discs were polished using a manual 

polishing machine (LS 2, Remet, Italy) and MD-grinding discs (Struers) and SF1 polishing suspension 

(Logitech) to achieve a surface finish of 1 µm (Fig. 1f). 

2.5 Laser microdissection microscopy 

We used a laser microdissection (LMD) microscope (Leica LMD 7000, Germany) to engrave symbols 

on our round discs with the laser, which were essential for maintaining orientation during the 

subsequent microscopy. The settings for laser cutting were power 15, aperture 10, speed 8, specimen 

balance 0, heat current 80%, pulse frequency 1210 Hz. We engraved symbols into the resin just outside 

the soil core and directly into the microdialysis membrane at the centre of the disc: a circle to indicate 

the “south” direction, a square for “west”, and two parallel lines for “east”. We used transmitted light 

– bright field (TL-BF) to capture an overview image of each disc at 20× magnification with a CCD camera, 

using a 6.3x/0.13 dry objective, a light intensity of 42, an aperture of 22, a field diaphragm of 25. These 

images were stitched together from multiple individual pictures to create a comprehensive view of the 

entire disc surface (Fig. 2). 

2.6 Confocal laser scanning microscopy 

To visualize microbial cells in our soil cores we stained them with dsGreen (Lumiprobe, Germany), 

a fluorescent stain analogous to SYBR Green I, which has been shown to give strong fluorescent signals 

(Richter-Heitmann et al., 2016). Therefore, we pipetted 100 µl of a 50 × dsGreen solution in 1 × PBS 

evenly across the disc surface and incubated it at room temperature for 10 min in the dark. Afterwards, 

we removed excess stain with a pipette and tissue paper. We added a drop of mounting medium 

(CitiFluor) before covering the disc with a high-precision glass coverslip (Carl Roth).  

Fluorescence microscopy was conducted using a confocal laser scanning microscope (CLSM; Leica 

TCS SP8X, Leica, Germany) equipped with a 63× glycerol objective and a white-light laser. The dsGreen 

was excited at a wavelength of 490 nm and recorded between 510 to 541 nm. Background  
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Figure 3. Overlay of CLSM fluorescence images on LMD overview image of soil core cross-section. A 

figure presents a comprehensive overview image of the soil core’s surface that received labile 

substrate, captured at 20× magnification using a laser microdissection microscope. Fluorescence 

images from confocal laser scanning microscopy (CLSM), where microbes were stained with dsGreen, 

are superimposed on the LMD image, illustrating the microbial distribution along a transect that spans 

across the entire width of the soil core cross-section. The superimposed CLSM images are presented 

in Figure 4 and Figures S1 through S7 in the supplementary materials. 
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Figure 4. Composite CLSM images of dsGreen stained microbial cells. This composite image combines 

four CLSM images, each 184.5 × 184.5 µm, showcasing microbial cells stained with dsGreen. Red and 

green fluorescence channels were captured and overlaid to distinguish microbes (green) from organic 

matter and general background fluorescence (red). The bottom left image (green frame) in the 

composite was selected for subsequent NanoSIMS analysis. 
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autofluorescence, which provides addition spatial information, was captured through excitation at 561 

nm and emission between 580 to 750 nm. The distinct excitation and emission wavelengths allowed 

us to capture separate signals for the fluorescence dye (green) and the autofluorescence (red) 

originating from background such as organic matter, enabling clear differentiation between microbial 

cells and the surrounding soil matrix (Cardinale, 2014; Schmidt et al., 2018). We acquired image stacks 

of varying depth and projected them into a single layer. The settings for each z-stack included an image 

size of 184.5 × 184.5 µm, an image resolution of 1024 ×1024 pixels, a bit depth of 8 per channel, a scan 

speed of 100 Hz, line averaging of 4, frame averaging of 1, a slice distance of 0.7 μm, a zoom factor of 

1, and pinhole of 1 AU. Image stacks were stored as Leica ∗.lif files without post-processing. 

We captured images at 8 locations along a west-to-east transect through the center of the 13C-

labelled soil core at the level of the microdialysis membrane (Fig. 3). At several locations, multiple 

images were taken and subsequently stitched together to form larger composite images (e.g. 1 × 2 or 

2 × 2; Fig. 4). The composite CLSM images from the transect that were not selected for SEM or 

NanoSIMS analysis are included as supplementary figures S1 through S7. Additionally, we captured 9 

images south of the microdialysis membrane, forming one large composite image (Fig. S8). 

Furthermore, a transect comprising 11 CLSM images of the control soil core was captured and 

assembled into one composite image (Fig. 6c, S8). 

2.7 SEM 

We acquired secondary electron images of regions where microbial cells were previously visualized 

using CLSM images. This step was crucial for our study as we aimed to perform NanoSIMS imaging on 

these regions, which requires high-resolution SEM images to accurately locate the target spots. 

Additionally, SEM imaging provides information on the microstructural properties of the soil, such as 

particle size distribution and pore space geometry. This high-resolution structural insight is useful to 

understand the physical context of microbial habitats, which can influence microbial accessibility to 

substrates and nutrient uptake. To prepare the discs for secondary electron microscopy (SEM), the 

discs were gold-palladium-coated (Au-Pd) using a sputter coater (Agar 108, Agar Scientific, Essex, 

UK). SEM was conducted using a JEOL IT 300 scanning electron microscope at the Core Facility Cell 

Imaging and Ultrastructure Research (CIUS) at the University of Vienna. SEM images were captured 

using a backscattered electron detector (BED-C) under high vacuum conditions, with an acceleration 

voltage of 15 kV and an image resolution of 5120 × 3840 pixels at 200× magnification (Fig. 5b), or 25 

kV at 30x magnification (Fig. 5a). Additionally, an overview image at 50× magnification was captured 

from the control disc (which did not receive 13C-labelled substrate), and the sample’s elemental 

composition was analysed using SEM by means of energy dispersive X-ray analysis (SEM-EDX, Fig. 6).  
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Figure 5. SEM images visualising the undisturbed soil structure around the microdialysis membrane. 

(A) A scanning electron microscopy (SEM) image captured at 30× magnification with a backscattered 

electron detector (BED-C) showing the area surrounding the microdialysis membrane at the centre of 

the soil core, where the 13C-labelled substrate was introduced through diffusion (‘reverse 

microdialysis’). This broad view contextualises the spatial relationship of the microdialysis membrane 

within the surrounding undisturbed soil. The white square references the area shown in (B). (B) A SEM 

image at 200× magnification captures the region where CLSM images were taken (indicated by the 

green square) and subsequent isotopic analysis was performed with NanoSIMS (smaller green square).  
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Figure 6. Elemental composition of control soil core analysed with SEM-EDX. This figure presents a 

comprehensive view of the control soil core, which did not receive any 13C-labelled substrate. (A) shows 

the SEM image (50×) of the soil core, highlighting the undisturbed soil structure. (B) displays the energy 

dispersive X-ray (EDX) analysis. The EDX plot provides a detailed breakdown of the elemental 

composition, essential for selecting ions as proxy for soil minerals for subsequent NanoSIMS imaging. 

The elements silicon (Si) and aluminium (Al) were selected over iron (Fe) due to their prevalence, as 

shown in the analysis. (C) is a CLSM image displaying fluorescence-stained microbial cells from the 

same area of the soil core analysed in the EDX. A white rectangle in both the SEM and EDX plots marks 

the specific region corresponding to the CLSM image. The CLSM image is presented in supplementary 

Figure S8.  
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This analysis was instrumental in determining which ions to select for NanoSIMS imaging to 

represent the mineral structure; based on their prevalence, we opted for silicon (Si) and aluminium 

(Al) over iron (Fe). The alignment of the SEM with the CLSM images was facilitated by the LMD overview 

image (Fig. 2), which was essential for precisely locating the areas where fluorescently stained 

microbial cells were observed (Fig. 4). 

2.8 Nanoscale secondary ion mass spectrometry 

Elemental and isotope analyses were carried out using a NanoSIMS 50L instrument (Cameca, 

Gennevilliers, France) at the University of Vienna. The detailed elemental and isotopic maps generated 

by NanoSIMS provides us with information about the spatial distribution and uptake of 13C-labelled 

substrate within microbial cells. The measurements were conducted with a 16 keV Cs+ primary ion 

beam, allowing for the simultaneous detection of seven secondary ion species: 12C-, 12C13C-, 12C14N-, 28Si-

, 31P-, 32S-, and 27Al16O- as well as secondary electrons. Prior to image acquisition, additional pre-

sputtering with a high-intensity primary beam was performed on the selected spot to prepare the 

sample surface for optimal imaging. One CLSM image, taken just below the microdialysis probe near 

the 13C-labelled substrate input, was selected as the most promising area for NanoSIMS analysis (Fig. 

2, 4). The resulting NanoSIMS image covered an area of 60 × 60 µm at an image resolution of 512 × 

512 pixel (Fig. 7).  

2.9 NanoSIMS image processing 

NanoSIMS image data were processed using the OpenMIMS plugin (Center for Nano Imaging, 

https://nano.bwh.harvard.edu/MIMSsoftware) for the image analysis software Fiji (Schindelin et al., 

2012). The carbon isotope composition image displaying the 13C/(12C+13C) isotope fraction, designated 

at% 13C, was inferred from the C2
- secondary ion signal intensity distribution image via per-pixel 

calculation of 13C12C-/(2*12C12C-+13C12C-) intensity ratios (Fig. 9a). Additionally, the N/C ratio image, 

displaying the 14N/(12C+13C) fraction, was inferred from the N- and C2
- secondary ion signal intensity 

distribution image via per-pixel calculation of 12C14N-/(2*12C12C-+13C12C-) intensity ratios (Fig. 9b). The 

N/C ratio image, which serves as a proxy for biomass, offers additional evidence for identifying 

microbial cells, complementing the cell identification provided by the CLSM image (Fig. 9b). The Si- and 

27Al16O- secondar ion maps were crucial to visualize the soil structure, as they correspond to mineral 

particles (Mueller et al., 2013). The Si- map, along with SEM image, provided important reference 

points for overlaying the CLSM and NanoSIMS images and aligning these datasets (Fig. 8). 
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Figure 7. Comprehensive NanoSIMS analysis from soil near the microdialysis membrane. The 

nanoscale secondary ion mass spectrometry (NanoSIMS) images provide detailed elemental and 

isotopic insights into the soil sample, following 18 days after the introduction of 13C-labelled substrate. 

The panels display (A) the at% 13C calculated as 13C12C-/(2*12C12C-+13C12C-), (B) the N/C ratio calculated 

as 12C14N-/(2*12C12C-+13C12C-), (C) the secondary ion map of silicon (28Si-), and (D) the secondary ion map 

of aluminium oxide (27Al16O-). The C/N ratio was used to help identify microbial cells, while Si and Al-

oxide served as proxy for the soil’s mineral structure, providing context for the microbial distribution 

within the undisturbed soil environment. The at% 13C highlight the distribution of substrate derived 

13C. 
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Figure 8. Integration of NanoSIMS and CLSM images using SEM and Si- secondary ion map signals. 

This figure demonstrates the alignment process necessary to integrate CLSM and NanoSIMS data. The 

alignment was achieved through the use of (A) SEM images and (B) the Si- secondary ion map obtained 

from NanoSIMS, which served as proxies for the soil’s mineral structure. This provides the structural 

context needed for precise overlay the images and correlate them to (C) the CLMS image of 

fluorescence-stained microbial cells. This critical alignment step ensures precise localization of 

microbial cells in relation to the substrate-derived 13C (NanoSIMS), enabling detailed spatial analysis of 

substrate assimilation by microbial communities.  
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2.10 Integration of CLSM and NanoSIMS data 

To map the 13C signal to microbial cells, the NanoSIMS image was superimposed onto the 

corresponding CLSM image. The alignment of these images was challenging and was achieved using 

the SEM image and the Si- secondary ion map, which provided structural context for accurate overlay 

(Fig. 8). This alignment was done in Inkscape, which facilitated the precise positioning of layers. This 

integrated approach allowed for the spatial correlation of fluorescence-labelled spots in the CLSM 

image with regions high in 12C14N (e.g.: cellular biomass) and enriched in 13C in the NanoSIMS image 

(Fig. 9).  

Seventy-eight regions of interest (ROI) were defined across the NanoSIMS images and were 

annotated as potential microbial cells based on the CLSM image and the at% 13C and N/C ratio images 

(Fig. 9). Average secondary ion signal intensities (12C12C-, 13C12C-) were extracted from each ROI. ROI 

specific C isotope compositions were calculated from 12C12C- and 12C13C- secondary ion signals detected 

for each ROI (Fig. 10). Additionally, to determine the natural abundance levels of 13C, C isotope 

compositions from five regions were selected, yielding 1.10 ± 0.01 at% 13C (mean ± standard deviation). 

ROI were considered significantly enriched if their at% 13C exceeded the natural abundance 13C by more 

than two times its standard deviation, a threshold which was established as 1.12 at% 13C. Based on this 

threshold, the 78 ROI were categorized into two groups according to their 13C enrichment, 49 13C-

enriched (> 1.12 at% 13C) and 29 unlabelled ROI (Fig. 11).  

  



 

126 
 

 

 

 

 

 

Figure 9: Spatial correlation of NanoSIMS and CLSM images showing 13C-labelled substrate 

assimilation by microbial cells. This figure illustrates the spatial correlation between the location of 

microbial cell and their uptake of 13C-labelled substrate within the soil core. The NanoSIMS images 

display (A) the 13C/12C ratio, highlighting areas of 13C enrichment, and (B) the N/C ratio, indicative of 

microbial biomass. The NanoSIMS images were superimposed onto the CLSM image (C) that visualizes 

fluorescence-labelled microbial cells. This correlative images facilitate the direct comparison between 

microbial locations to regions of high 13C incorporation. Regions of interests (ROI), i.e. microbial cells, 

were identified based on fluorescence signals (C) and N/C ratios (B). These ROI were used to extract 

13C isotope composition (Fig. 9, 10). ROI are encircled in red to donate 13C enrichment and in green to 

indicate cells without enrichment, highlights the selective assimilation of 13C-labelled substrate by only 

some microbial cells. 
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Figure 10: Boxplots depicting the 13C isotopic content (at% 13C) of microbial cells. A total of 

78 regions of interest (ROI) were selected from the NanoSIMS image (Fig. 8) and grouped 

based on their at% 13C into ROI that were 13C-enriched (n=49) and unlabelled (n=29). Natural 

abundance (background) was 1.10 ± 0.01 (mean ± standard deviation). Enriched cells had on 

average 1.68 ± 0.54 at% 13C, while unlabelled cells had 0.89 ± 0.18 at% 13C.  

 

 

Figure 11: Boxplots depicting the 13C enrichment (at% 13C excess) of microbial cells. A total 

of 78 regions of interest (ROI) were selected from the NanoSIMS image (Fig. 8) and grouped 

based on their at% 13C into ROI that were 13C-enriched (n=49) and unlabelled (n=29). The 

average 13C-enrichment of enriched cells was 0.58 ± 0.54 at% 13C excess. 
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3. Results & Discussion 

In this study, we aimed to set up and test a correlative imaging workflow to link spatial distribution 

of microbial cells in their native soil environment to their uptake of isotopically labelled substrates. 

This test is linked to an experiment, in which we introduced 13C-labelled substrate by simulated root 

exudation into undisturbed soil cores (Wiesenbauer et al., 2024b, submitted). While our previous work 

focused on the temporal dynamics of microbial activity (substrate respiration, metabolite production) 

over 18 days after these inputs, the approach developed in this study highlights the spatial distribution 

of microbes and the released substrate at the endpoint of the experiment. By integrating confocal laser 

scanning microscopy (CLSM) with nanoscale secondary ion mass spectrometry (NanoSIMS) and 

scanning electron microscopy (SEM), we were able to visualize and quantify the spatial distribution of 

substrate-derived 13C and its uptake by microbial cells. 

3.1 Visualization of fluorescence-stained microbial cells via CLSM  

Using CLSM, we acquired image stacks of varying depths and projected them into a single layer to 

clearly delineate highly fluorescent spots representing microbial cells (Fig. 4). This approach facilitates 

the clear differentiation of cells, stained bright green for nucleic acids, from the surrounding soil matrix, 

where autofluorescence appeared red. We observed a heterogeneous distribution of microbial cells 

within the structurally preserved soil, characterized by a mix of small colonies and single cells (Fig. 4, 

S1-S7). Despite the introduction of labile substrate at the center of the soil via the microdialysis 

membrane, our images did not show an apparent increase in microbial biomass near this substrate 

input site (Fig. 3, 4, S1-S7). This observation suggests that the additional substrate availability did not 

uniformly enhance microbial growth as observed in this snapshot 18 days after substrate addition. 

Correspondingly, phospholipid fatty acids (PLFA) analysis from the same experiment did not indicate 

an increase in microbial biomass either (Wiesenbauer et al., 2024b, submitted). It is, however, possible 

that changes in microbial biomass could have occurred outside of this single-time-point observation or 

were spatially varied, which would make detection more challenging. While the number of CLSM 

images obtained was sufficient to provide an initial overview, they might not have captured the entire 

range of spatial variability in microbial response to the introduced substrate. A more extensive 

sampling strategy and more comprehensive imaging are likely necessary to fully capture the spatially 

heterogenous microbial processes, particularly in the heterogenous soil environment posed by the 

undisturbed soil structure.  
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3.2 Integration of CLSM and NanoSIMS data 

Following the identification of microbial cells via CLSM, NanoSIMS imaging was conducted to 

elucidate the spatial distribution and uptake of 13C-labelled substrate within these cells. To achieve 

this, it was essential to integrate the fluorescence and NanoSIMS data, to pinpoint the locations where 

microbial cells coincide with substrate-derived 13C. To demonstrate the practical application of our 

workflow, we specifically chose one area near the microdialysis membrane, where the 13C-labelled 

substrate was introduced (Fig. 2, Fig. 4). 

However, the alignment of images from different microscopy techniques presented significant 

challenges, as each imaging technique captured a slightly different projection of the soil surface. In 

order to ensure precise alignment of NanoSIMS images with the corresponding CLSM image, we used 

the Si- secondary ion map obtained by NanoSIMS and SEM images to identify common landmarks, 

enabling us to accurately superimpose the images (Fig. 8). The Si- secondary ion map, in conjunction 

with SEM, provided a clearer visualization of the soil structure, which was obscure in the at% 13C 

NanoSIMS and CLSM images. We considered both Si- and AlO- secondary ion maps for alignment due 

to their ability to reveal mineral composition (Mueller et al., 2013). However, the Si- map offered a 

more accurate depiction of the soil’s mineral structure (Fig. 7). This was corroborated by the SEM-EDX 

analysis, which confirmed the predominance of Si-rich minerals, constituting 24% of the soil, compared 

to only 7% for Al-rich minerals (Fig. 6b). This meticulous alignment process ensured the accurate 

overlay of NanoSIMS and CLSM images, allowing for a more detailed interpretation of microbial 

distribution and activity within the native soil structure. 

To facilitate the precise spatial analysis, we selected seventy-eight regions of interest (ROI), i.e., 

microbial cells, based on the fluorescence signals and the corresponding N/C ratio image (Fig. 9). The 

fluorescence signals served as initial markers for locating microbial cells in the soil cores (Fig. 4, 8c). 

Subsequently, by matching these signals with the N/C ratio image, which is typically associated with 

cellular biomass, we further validated the locations of microbial cells in the superimposed image (Fig. 

9b). It is worth noting that P- (e.g.: phospholipids, nucleic acid, ATP) and S- (e.g.: biomolecules) 

secondary ion maps could have been used alongside 12C14N- to verify the location of microbial cells. 

However, this approach was less effective in our study, likely due to the presence of P in minerals and 

absence of pronounced S hotspots. The SEM-EDX analysis confirmed that both P and S constituted only 

2% of the soil composition each (Fig. 6b).  
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3.3 Uptake of 13C-labelled artificial root exudate by microbial cells 

Having identified seventy-eight ROI as microbial cells, we then analysed whether their location 

corresponded with the distribution of 13C to assess their involvement in substrate assimilation. 

NanoSIMS imaging identified areas with elevated at% 13C at microbial cell locations (i.e., ROI), 

indicating potential assimilation of the substrate-derived 13C (Fig. 9a, 11a). However, given the 18-day 

period since substrate addition, the possibility of crossfeeding among microbial communities should 

be considered. 

Upon superimposing the at% 13C onto the fluorescence image, we observed a significant 

heterogeneity in substrate assimilation among the microbial cells (Fig. 9). We categorized the 78 ROI 

into 49 enriched cells and 29 cells showing no substrate-derived 13C incorporation. The enriched ROI 

exhibited an average of 1.68 ± 0.54 at% 13C (mean ± standard deviation), in contrast to 0.89 ± 0.18 at% 

13C in unlabelled ROI (Fig. 10), with the labelled ROI averaging a 13C-enrichment of 0.58 ± 0.54 at% 13C 

excess (Fig. 11). Our visualization confirmed the effective diffusion of the substrate into the soil matrix. 

This observation is supported by our earlier work, which showed a significant fraction of substrate-

derived 13C in microbial respiration during and shortly after the artificial root exudation, suggesting the 

microbial uptake and metabolism of substrate (Wiesenbauer et al., 2024b, submitted). 

The observed variations in 13C enrichment across different microbial cells underscore the complex 

ecological interactions within the soil, suggesting differential assimilation of 13C-labelled substrate and 

competitive dynamics among soil microbes. This was supported by the analysis of lipid fatty acids 

conducted at the experiment’s endpoint, which revealed varied utilization strategies among microbial 

groups (Wiesenbauer et al., 2024b, submitted). This was indicated by the uneven enrichment in 

substrate-derived 13C across different lipid fatty acid biomarker groups, reflecting diverse metabolic 

responses to the introduced substrate. Interestingly, while the average PLFA enrichment was only 1.07 

± 0.01 at% 13C (mean ± standard deviation) (Wiesenbauer et al., 2024b, submitted), our NanoSIMS 

measurements identified single cells with enrichment levels as high as 3.4 at% 13C (Fig. 10). Among the 

49 labelled ROI, eleven ROI exhibited enrichment greater than 2 at% 13C, and five ROI exceeded 2.5 

at% 13C (Fig. 10). These findings underscore the fine-scale heterogeneity in microbial substrate 

utilization that our imaging approach can capture, enabling the identification of activity hotspots by 

detecting highly labelled cells. Unlike PLFA isotope analysis, which averages the isotopic signatures 

across many cells, our method provides a detailed view of the spatial and metabolic diversity within 

microbial communities.  

Further, this variability in substrate assimilation was likely in parts influenced by the structural 

heterogeneity of the soil, as evidenced by LMD and SEM images (Fig. 2, 5), which displayed differences 
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in soil particle size and composition, potentially affecting the accessibility of the diffusing substrate to 

microbes. Our observations suggest the presence of a complex ecological network, where nutrient 

availability and physical accessibility can dynamically impact microbial processes. These insights 

provide new perspectives on the spatial dynamics of microbial processes and differential metabolic 

capabilities (e.g.: substrate assimilation) within the microbial communities. 

3.4 Limitations and challenges 

While providing new insights into microbial activity, the integrative approach presented here 

involves inherent limitations and challenges that may impacts its broader application. Our method 

requires extensive sample preparation, from simulating root exudation to fixing, dehydrating, and 

impregnating the soil with epoxy resin, all while aiming to preserve the native soil structure. This 

process risks introducing artifacts that might affect the data interpretation.  

Moreover, quantifying the amount of isotopically labelled substrate released into the soil matrix 

per analysed soil volume poses inherent challenges due to the nature of reverse microdialysis. The 

diffusive gradients by which substrates are released depends significantly on microbial uptake as well 

as soil properties (water content, soil composition). Added to this, the potential for cross-feeding 

among microbial communities can complicate the interpretation of substrate uptake, making it 

challenging to attribute isotopic signatures to specific microbial groups or interactions.  

Additionally, the high costs associated with operating instruments like NanoSIMS, SEM, and CLSM 

limit the number of samples that can be analysed, necessitating cautious interpretation due to the 

small number of replicates. To save costs and resources, one might omit SEM imaging if the structural 

information gained from SEM is not of primary interest. Although SEM was essential in our approach 

for identifying target spots for NanoSIMS analysis, it may be possible to forgo SEM if the sample 

permits easy orientation without a detailed electron images, perhaps using just an overview image 

from light microscope or LMD. Alternatively, one could capture CLSM images of the entire sample and 

later attempt to locate the specific spot analysed by NanoSIMS using ion maps or secondary electron 

images from NanoSIMS. 

Additionally, NanoSIMS is restricted to measuring only a select few ion species at a time, which 

limits the chemical information obtained. However, this might potentially be offset by the energy-

dispersive X-ray (EDX) of SEM. Although it offers a much coarser resolution than NanoSIMS, EDX covers 

a wider range of elements, potentially enhancing our understanding of the microbial environment. 



 

132 
 

4. Conclusion 

Our study demonstrates the potential of integrating high-resolution stable isotope imaging via 

NanoSIMS with fluorescence microscopy (CLSM) and scanning electron microscopy (SEM) for a better 

understanding of microbial spatial ecology in soil. This multi-imaging approach allows for a unique 

visualization of the uptake of 13C-labelled substrates by microbes in undisturbed soil cores. By precisely 

locating microbial cells and correlating their position with isotopic data, our integrative approach 

provides a comprehensive analysis of substrate distribution and assimilation. By simulating root 

exudation through minimally invasive reverse microdialysis and observing its assimilation by nearby 

microbial populations, we effectively bridge the gap between controlled laboratory experiments and 

the dynamic conditions of natural soil environments. Our spatial analysis complemented previous 

temporal studies by providing a detailed view of where substrate uptake occurs within the soil. While 

Wiesenbauer et al. (2024b, submitted) focused on how microbial respiration and metabolite 

production changed over time in response to substrate addition, our current study added a spatial 

dimension to this understanding. Our findings suggest that the physical accessibility, shaped by the 

heterogeneous soil structure, significantly influences microbial uptake of artificial root exudates. The 

ability to simultaneously visualize substrate assimilation and microbial positioning at the microscale 

offers a powerful tool for studying the in-situ dynamics of microbial activity and nutrient cycling in soils.  

Looking ahead, this correlative imaging approach holds potential for applications beyond studying 

root exudate assimilation. It could be adapted to explore microbial interactions with other types of 

organic amendments or environmental contaminants. Furthermore, extending this method to include 

isotopic labelling (e.g. 13CO2) of plants could provide insights into the dynamics of carbon and nutrient 

cycling and the interactions of microbial communities in the plant’s rhizosphere. The integrated 

imaging approach would also be well-suited for combination with water vapor SIP to visualize growing 

microbial cells in soils through deuterium incorporation (Canarini et al., 2024). Furthermore, 

integrating this imaging workflow with molecular techniques such as fluorescence in situ hybridisation 

(FISH) could offer a more comprehensive understanding of microbial community structure and 

function in situ.  

Our integrative approach allows us to observe a snapshot of microbial dynamics and nutrient 

cycling under near-natural conditions. This method’s ability to minimize disturbance while providing 

detailed spatial and chemical data offers a powerful framework for future studies aimed at unravelling 

complex soil-microbe interactions. 
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Supplement figures 

 

 

 

 

 

Figure S1. Composite CLSM image of dsGreen stained microbial cells in the soil core that received 

13C-labelled substrate. This composite image combines two CLSM images, each 184.5 × 184.5 µm, 

showcasing microbial cells stained with dsGreen. Red and green fluorescence channels were captured 

and overlaid to distinguish microbes (green) from organic matter and general background fluorescence 

(red). 
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Figure S2. Composite CLSM image of dsGreen stained microbial cells in the soil core that received 

13C-labelled substrate. This composite image combines two CLSM images, each 184.5 × 184.5 µm, 

showcasing microbial cells stained with dsGreen. Red and green fluorescence channels were captured 

and overlaid to distinguish microbes (green) from organic matter and general background fluorescence 

(red). 
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Figure S3. Composite CLSM image of dsGreen stained microbial cells in the soil core that received 

13C-labelled substrate. This composite image combines four CLSM images, each 184.5 × 184.5 µm, 

showcasing microbial cells stained with dsGreen. Red and green fluorescence channels were captured 

and overlaid to distinguish microbes (green) from organic matter and general background fluorescence 

(red). 
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Figure S4. CLSM image of dsGreen stained microbial cells on microdialysis membrane in the soil core 

that received 13C-labelled substrate. This 184.5 × 184.5 µm CLSM image showcases microbial cells 

stained with dsGreen on the microdialysis membrane. Red and green fluorescence channels were 

captured and overlaid to distinguish microbes (green) from microdialysis membrane and general 

background fluorescence (red). 
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Figure S5. Composite CLSM image of dsGreen stained microbial cells in the soil core that received 

13C-labelled substrate. This composite image combines five CLSM images, each 184.5 × 184.5 µm, 

showcasing microbial cells stained with dsGreen. Red and green fluorescence channels were captured 

and overlaid to distinguish microbes (green) from organic matter and general background fluorescence 

(red). 
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Figure S6. CLSM image of dsGreen stained microbial cells in the soil core that received 13C-labelled 

substrate. This 184.5 × 184.5 µm CLSM image showcases microbial cells stained with dsGreen. Red and 

green fluorescence channels were captured and overlaid to distinguish microbes (green) from organic 

matter and general background fluorescence (red). 
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Figure S7. Composite CLSM image of dsGreen stained microbial 

cells in the soil core that received 13C-labelled substrate. This 

composite image combines nine CLSM images, each 184.5 × 184.5 

µm, showcasing microbial cells stained with dsGreen. Red and 

green fluorescence channels were captured and overlaid to 

distinguish microbes (green) from organic matter and general 

background fluorescence (red). 
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Figure S8. Composite CLSM images of dsGreen stained microbial cells in the control soil core. (A) This 

composite image combines eleven CLSM images, each measuring 184.5 × 184.5 µm, showcasing 

microbial cells stained with dsGreen. Red and green fluorescence channels were captured and overlaid 

to distinguish microbes (green) from organic matter and general background fluorescence (red). (B) 

Consists of the first three CLSM images from the left section of the full composite. (C) Features the next 

set of three CLSM images to the right of section B. (D) Consist of another set of three CLSM images, 

following section C. (E) Comprises the final two CLSM images at the very right end of the composite 

image. 
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SYNTHESIS 

Summary 

Soil ecosystems are dynamic interfaces that foster complex interactions between plant roots and 

microbial communities, crucial for biogeochemical cycles such as carbon sequestration and nutrient 

cycling. Roots exude a range of organic compounds that serve as energy sources for soil microbes 

(Kuzyakov and Blagodatskaya, 2015; Canarini et al., 2019; Vetterlein et al., 2020), influencing microbial 

activity and soil chemistry (Brzostek et al., 2013; Drake et al., 2013). However, our understanding of 

the mechanisms by which microorganisms metabolize these exudates and the subsequent effects on 

soil organic matter (SOM) dynamics, particularly at root exudation sites, is still limited.  

The primary aim of this doctoral thesis was to explore the fine-scale spatiotemporal dynamics of 

microbial activity at these hotspots and to assess how variations in root exudate composition influence 

microbial processes across different soil types. Central to our approach was the use of 'reverse' 

microdialysis to simulate passive root exudation, allowing for precise control over the introduction of 

organic compounds, i.e. 13C-labelled sugars and organic acids, into the soil and enabling detailed study 

of the microbial response. 

Chapter 2 explored the immediate and lasting impacts of simulated root exudation on microbial 

activity in a beech forest soil. Utilizing reverse microdialysis, we introduced a mixture of 13C-labelled 

sugars and organic acids directly into the soil, which allowed us to mimic natural exudation patterns 

while minimizing physical disturbances. Simultaneously, microdialysis allowed us to collect compounds 

from the soil solution to analyse the concentration of microbial metabolites and other organic 

compounds over the course of the 12-day experiment, thereby providing direct evidence of microbial 

processes at the exudation site. Additionally, microbial responses to introduced substrates were 

monitored using a combination of respiration measurement and stable isotope tracing to determine 

substrate-derived and SOM-derived respiration. At the end of the experiment, we extracted 

phospholipid and neutral-lipid fatty acid (PLFA, NLFA) to track substrate assimilation into microbial 

groups and to monitor changes in microbial biomass and community composition.  

We observed a rapid respiration of added substrate within the first few hours. We hypothesized that 

the intense substrate respiration led to an oxygen depletion at the microbially active site, prompting a 

shift to anaerobic metabolic pathways within 24 hours, marked by a production of organic acids 

(acetate, propionate) and N-compounds (ammonium). By the third day, we observed a noticeable 

increase in SOM decomposition, indicating a potential priming effect. Additionally, analysis of PLFA and 

NLFA revealed that all major microbial groups within 5 mm radius of exudation site, i.e. the 

microdialysis membrane, were 13C-erniched, indicating they had incorporated the substrate.  
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This study demonstrated that the release of labile C compounds significantly altered microbial 

respiration and nutrient availability, showcasing a three-stage microbial response characterized by 

rapid substrate respiration, metabolic shifts, and increased SOM degradation. These sequential 

responses highlighted the dynamic shifts in microbial metabolism and nutrient availability at the 

exudation site and advance our understanding of the mechanisms that contribute to rhizosphere 

priming.  

Chapter 3 investigated the microbial responses to root exudation, focussing on how different exudate 

compositions, i.e. purely sugars, purely organic acids, or their combination, affect microbial activity 

and soil chemistry across two soil types (forest, meadow). At the start of the experiment, we released 

the 13C-labelled sugars and/or organic acids into the soil by means of reverse microdialysis for 6-hours. 

This controlled approach allowed us to elucidate the specific impact of each compound class (sugar vs. 

organic acid) on the microbial processes at the exudation sites over the 18-day long experiment.  

We assessed the microbial activity by measuring respiration, coupled with stable isotope probing (SIP), 

to differentiate between substrate-derived and SOM-derived respiration. We monitored changes in 

soil chemistry and microbial metabolites production by analysing changes in concentrations of 

compounds collected from soil solution by microdialysis. The analysis revealed that organic acids were 

preferentially metabolized over sugars, with significantly higher respiration rates observed when 

organic acids were part of the exudate solution. Additionally, the presence of organic acids led to a 

notable increase in the concentrations of short-chain fatty acids (butyrate, lactate, propionate), 

particularly during the second half of the simulated exudation pulse. Additionally, organic acids also 

promoted a rise in cations (potassium, magnesium, calcium), indicative of their role in mobilizing 

mineral-associated nutrients. Contrastingly, the release of sugars did not produce similar changes, 

suggesting a limited role in the immediate microbial metabolism observed. PLFA and NLFA analyses at 

the end of the experiment revealed differential assimilation of the substrate-derived 13C into microbial 

groups, with distinct responses based on soil type and substrate.  

Our findings clearly demonstrated that organic acids, more so than sugars, drive microbial activity and 

alter soil chemistry at root exudation sites. This results underscores the critical influence of exudate 

composition in shaping rhizosphere dynamics and nutrient availability.  

Chapter 4 established an integrative imaging approach that combines advanced imaging techniques 

with the simulation of root exudation of 13C-labelled substrates introduced via reverse microdialysis. 

We utilized several imaging techniques to map the microscale spatial distribution and uptake of 

substrates by microbial communities within resin-embedded soil cores. We employed confocal laser 

scanning microscopy (CLSM) to visualize the spatial distribution of fluorescently labelled microbial 
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cells, and nanoscale secondary ion mass spectrometry (NanoSIMS) to gain detailed isotopic and 

elemental data, mapping the distribution of 13C along with other essential elements (C, N, Si, Al). 

Scanning electron microscopy (SEM) further complemented these analyses by offering insights into the 

soil microstructure surrounding the exudation site.  

By integrating CLSM, SEM, and NanoSIMS, we successfully localized regions of interest (ROI) 

representing microbial cells and tracked the incorporation of substrate-derived 13C by these cells at 

the conclusion of the 18-day long experiment. By correlating structural data with chemical signatures, 

this approach enabled the precise identification of microbial cells that assimilated introduced 

substrate, revealing significant variability in 13C incorporation across different cells. This variability 

indicated that substrate assimilation was not uniform among all microbes near the exudation site. 

Instead, this pointed to the selective nature of microbial substrate utilization, a nuanced pattern likely 

influenced by both microbial traits and the heterogeneous soil environment.  

This study demonstrated the value of integrating multiple high-resolution imaging techniques to 

elucidate microbial function (e.g., root exudate utilization) and its spatial heterogeneity in the 

rhizosphere. 

 

General learnings 

Collectively, these three studies contribute to the better understanding of the nuanced ways in which 

microbes interact with plant-derived organic compounds and reveal the potential for root exudates to 

modulate microbial community dynamics and soil carbon cycling. In my doctoral thesis, I was able to 

identify three overarching learnings. 

1. Microbial preference for organic acids 

Our findings consistently revealed a microbial preference for organic acids over sugars in the 

context of simulated root exudation. We observed not only a greater release of organic acids into 

the soil but also higher rates of substrate-derive respiration associated with the release of organic 

acids. These higher respiration rates suggested that microbes were removing organic acids from 

around the microdialysis membrane more quickly, not because of molecular size or charge 

affecting diffusion, but due to active microbial uptake (König et al., 2022). Consequently, we 

measured higher release rates of organic acids due to the establishment of concentration gradients 

along which their passive transport, i.e. diffusion, occurred (König et al., 2022). In contrast, sugars 

accumulated around the membrane due to low microbial assimilation, thus restricting their release 

through passive diffusion. These findings challenge the prevailing belief that sugars are the most 
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favourable and rapidly consumed substrates for soil microbes (Jones and Murphy, 2007; Gunina 

and Kuzyakov, 2015).  

Moreover, our findings offer novel insights into how microbial preferences might impact root 

exudation dynamics due to feedback mechanisms. The swift microbial uptake of organic acids 

could facilitate their easier release from roots by affecting the concentration gradients essential 

for passive root exudation, potentially altering the exudates released into the rhizosphere. This 

suggests that microbial activity could play a significant role in shaping the composition and quantity 

of root exudates, indicating its potential importance in regulating nutrient availability at the soil-

root interface. 

2. Microbes prioritize rapid growth over energy efficiency 

Despite sugar metabolism yielding more ATP per molecule, microbes opted for metabolizing 

organic acid. Organic acids are processed through shorter metabolic pathways that allow for faster 

rates of ATP production, but at a lower yield (Kreft et al., 2020). By favouring the metabolism of 

organic acids over sugars, microbes can maximize biomass growth at the expense of ATP yield 

(Kreft and Bonhoeffer, 2005; Wortel et al., 2018). This strategic trade-off is particularly 

advantageous in competitive environments like root exudation hotspots, where substrate is in 

excess and rapid biomass accumulation is crucial (Kuzyakov and Blagodatskaya, 2015). This 

metabolic adaptation highlights how the microbial community prioritizes rapid growth over energy 

efficiency to capitalize on the transient nature of root exudation within the rhizosphere. 

3. Spatial distribution and temporal dynamics are core drivers of rhizosphere processes 

The integration of spatial and temporal data from our experiments provided crucial insights into 

the mechanisms that govern root-microbe interactions, highlighting the importance of considering 

spatial and temporal factors when evaluating microbial processes in the rhizosphere.  

Spatially, our findings revealed that the proximity to exudation sites influenced microbial uptake 

of root exudates. Substrate incorporation into lipid fatty acids was predominantly observed within 

a < 5 mm radius of the exudation site. Our integrated imaging approach (NanoSIMS, CLSM, SEM) 

revealed a spatially heterogeneous incorporation of 13C-labelled substrate by microbial cells, in 

which roughly two-thirds of cells near the exudation site assimilated the substrate. However, lipid 

fatty analysis (PLFA & NLFA) indicated varied 13C enrichment across different microbial groups, 

suggesting that factors beyond mere proximity to exudation site influenced microbial assimilation 

of root exudates. Instead, it reflected the diverse microbial response to substrates by different 

microbial groups. 
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Temporally, my findings revealed a three-stage microbial response to the release of artificial root 

exudates. Initially, microbes took up and respired the introduced substrate, predominantly organic 

acids, potentially leading to a formation of anoxic hotspots due to increased oxygen consumption 

(Borer et al., 2018). Following this, we observed a production of microbial metabolites, particularly 

short-chain fatty acids, indicative of shorter incomplete catabolic pathways (e.g. fermentation) 

that released these intermediates (Kreft et al., 2020). Sugars, however, did not induce metabolite 

production. Moreover, the addition of organic acids lead to a mobilization of cations due to abiotic 

interactions with soil minerals (Adeleke et al., 2017). And lastly, after 3 days we observed an 

increased SOM respiration in one of our experiment. This phased response highlights the dynamic 

nature of microbial interactions with root exudates.  

My doctoral thesis provides new insight into the immediate and delayed microbial responses to root 

exudation, advancing our understanding of the processes that contribute to rhizosphere priming. Using 

stable isotope probing, reverse microdialysis, and imaging techniques, I have shed light on the spatial 

and temporal aspects of microbial activity in response to root exudation. My results highlight the 

nuanced ways in which microbes interact with root-derived organic compounds and reveal the 

potential for root exudates to modulate microbial community dynamics and soil carbon and nutrient 

cycling. My research provides a valuable framework for future studies aimed at investigating the 

complex interactions that define the rhizosphere.  
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